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ABSTRACT 
 
Jinsheng Zhou: Single Molecule DNA Manipulation and Analysis using Nanofluidic Circuits 
(Under the direction of J. Michael Ramsey) 
 
Nanofluidic devices have emerged as new powerful tools for biomolecule analysis. 
Their utility in probing single DNA molecules is of particular interest because of both the 
biological importance and the ideal polymer physical properties of DNA. Such applications 
often involve an initial step of capturing the large, globule-shaped molecules from bulk 
solution and linearizing them in the nanoscale confining structures. The entropic barrier 
inherent to this process is typically overcome by pulling DNA into a nanoconduit using a 
large electric field. The resulting high velocity of molecular transport, coupled with the finite 
temporal resolution of detection, can make single-molecule characterizations difficult. 
 In this dissertation, novel three-dimensional nanofunnels are described that address 
this problem. Focused ion beam milling is developed to fabricate complex nanostructures. 
The nanofunnels facilitate the capture process, enabling the introduction of DNA molecules 
into fluidic nanochannels with significantly lower electric fields. 
 The gradual confinement change of the nanofunnel produces an entropy gradient for 
DNA molecules transitioning from bulk solution to a nanochannel. Tuning the electric field 
results in the stable trapping of a single DNA molecule in the nanofunnel. The precisely 
defined geometry enables an accurate force analysis on the molecule.  For confined 
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molecules placed in an electric field, electro-hydrodynamic interactions are discovered that 
differ from those present in freely diffusing or anchored molecules. 
 Concentration polarization, a phenomenon unique to nanofluidics, is also described 
for devices containing a nanochannel-nanofunnel structure. The phenomenon is found to 
correlate with the ionic current rectification, an effect which was previously studied primarily 
in conical pores.  Both phenomena are found to evolve over several minutes in the 
nanochannel-nanofunnel devices. Moreover, the electro-osmotic flow is found to greatly 
affect the concentration polarization and ionic current rectification. 
The discoveries presented in this dissertation have both theoretical and practical 
importance. A better understanding of the entropic and electrohydrodynamic forces on a 
large polyion (DNA) was achieved. The nanofunnels developed here have potential 
applications in nanofluidics-based DNA mapping and sequencing technologies and in the 
pre-concentration of biomolecules for subsequent on-chip separations or analyses.
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Chapter 1: DNA, Sequencing, and the Utility of Nanofluidic Devices 
1.1 DNA 
1.1.1 A Historical Perspective 
The story of DNA’s discovery by Swiss physician Johannes Friedrich Miescher in the 
winter of 1868/1869 is quite inspiring.1 In the spring of 1868, after graduating from the 
medical school at the University of Basel in Switzerland, Miescher went to the University of 
Tubingen in Germany to receive his scientific training in chemistry and physiology. He was 
inspired to pursue an academic career in part by his father and uncle, who both were 
professors at the University of Basel. His decision not to practice as a physician was also 
influenced by a partial hearing impairment incurred during childhood. 
In Tubingen, Miescher attempted to analyze the composition of cells in the ambitious 
hope of determining the chemical basis of life. At that time, the secretion of pus was 
considered beneficial to wound healing and was sometimes actively induced. Absorbent 
cotton was recently adopted as a preferred wound dressing for soaking up the ample amount 
of pus.  One consequence of this confluence of technology and medical convention was that 
Miescher had access to a large quantity of bandages from the local hospital, from which he 
could wash relatively pure leukocytes. 
To isolate the cellular components, Miescher allowed the cells to sediment and then 
lysed them using diluted hydrochloric acid (the laboratory centrifuge had not been invented 
yet). He then extracted the lipids and other hydrophobic molecules, and observed a fine 
powder suspended in the remaining solution. When acidified, this became a white, flocculent 
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precipitate that could be dissolved when an alkaline solution was titrated into the sample 
solution. This precipitated substance was positive to the xanthoprotein color reaction (which 
was actually due to protein contamination) but unlike protein, it did not coagulate when 
boiled. The elementary chemical analysis indicated that the precipitate contained an 
unexpected large quantity of phosphorus, in addition to carbon, hydrogen, oxygen, nitrogen, 
and some sulfur.2 Miescher believed he had found a new molecule and called it “nuclein.” 
In 1872, Miescher returned to the University of Basel as a professor. He continued his 
work again in winter because he believed that the cold temperature was critical for protecting 
the samples during the extraction and analysis protocols. He switched his nuclein source to 
sperm extracted from salmon he caught in the nearby Rhine River on the freezing cold winter 
nights. He also developed new protocols to obtain large quantities of the purest nuclein, from 
which he determined that this new substance must be a multi-basic acid. 
However, neither Miescher nor his contemporary scientists realized the real 
importance of this discovery. Miescher initially thought that the nuclein was used by cells as 
a source of phosphorus. He then suspected that it was the causative agent of fertilization but 
that the chemical differences of the nuclein between different species were too small to be 
responsible for phenotypical diversity. 
Interest in Miescher’s nuclein gradually diminished until the mid-twentieth century, 
when nuclein (since identified as deoxyribonucleic acid, or DNA) was finally proven to be 
the carrier of genetic information. In 1944, Avery et al. proved that in Griffith’s 
“transforming principle,” the substance that is capable of transforming an innocuous bacteria 
into a toxic one, is DNA.3 This finding was widely accepted in 1952, when Hershey and 
Chase confirmed it with experiments using viral DNA.4 
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In 1953, based on Wilkins and Franklin’s X-ray diffraction pattern, Watson and Crick 
published a 900-word paper in Nature,5 proposing the double helix structure of DNA. The 
story of Watson and Crick’s discovery is well known and this discovery was marked as the 
beginning of the era of molecular biology. The double helix has become one of the icons of 
the twentieth century. 
1.1.2 DNA Sequencing Technologies 
The DNA double helix consists of two anti-parallel strands comprised of alternating 
phosphate groups and sugar residues. Each sugar is also linked to one of the four nitrogenous 
bases: Adenine, Thymine, Guanine and Cytosine (A, T, G and C). The two strands are 
associated through complementary hydrogen bonds, with A bonding specifically to T and C 
to G. This arrangement is called base pairing and the entire sequence of the bases along the 
backbone, which encodes the information of all the living beings, is called the genome. The 
human genome contains over 3 billion base pairs (bp), which is equivalent to ~800 
Megabytes (MB) of data – slightly greater than the capacity of an audio compact disk. 
Decoding this information from the DNA molecules is considered the key to better 
understanding evolution, individuals’ predispositions to diseases and responses to therapies, 
and the characteristics (and vulnerabilities) of pathogens.6 
1.1.2.1 Sanger Sequencing 
In 1977 (about twenty years after receiving the Nobel Prize in Chemistry) Frederick 
Sanger published a paper7 describing a DNA sequencing method with chain-terminating 
inhibitors, which led to his second Nobel prize. This method was the basis of the giant 
Human Genome Project, launched in 1990, and remains the most accurate DNA sequencing 
technique available today.8 A DNA sample is divided into four reaction channels, each 
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containing DNA primers (short sequences that bind to complementary sequences of target 
DNA and enable polymerase-catalyzed DNA extension), polymerase, and a complement of 
natural deoxynucleoside triphosphates (dNTPs).  Each reaction is supplied one of four 
dideoxynucleoside triphosphates (ddNTPs) - ddATP, ddTTP, ddCTP, or ddGTP - at low 
concentrations (relative to dNTPs). The DNA extension catalyzed by polymerase is 
terminated when a ddNTP is incorporated. This produces DNA molecules of various lengths, 
all terminated with the same known nucleotides for each channel. The labeled DNA 
fragments are then separated using gel electrophoresis, and the sequence of DNA read from 
fragment lengths observed in the four channels. This method works for DNA strands up to 
~1000 bases, with the limitation due to the similarity of electrophoretic mobilities once 
macromolecules reach a certain size. To generate longer sequences, a shotgun sequencing 
technique is used.9 DNA is first randomly fragmented, each segment is sequenced, and then 
longer stretches of contiguous sequence (“contigs”) are computationally assembled from the 
fragments.  Significant improvements in ddNTP chemistry (i.e., four-color, fluorescent 
labeling) and parallelization of electrophoresis in capillary arrays dramatically increased 
throughput and enabled the completion of the Human Genome Project in 2003, two years 
ahead of schedule.10 Despite the development of the lower cost sequencing technologies 
described below, the Sanger method remains the “gold standard” of DNA sequencing with an 
accuracy of 99.99%. 
1.1.2.2 Next Generation Sequencing (NGS) Methods 
Even with highly automated parallel runs, Sanger sequencing is too expensive and 
slow to generate massive amounts of sequence data. Many new sequencing technologies 
have emerged to lower the cost, stimulated by the National Human Genome Research 
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Institute’s (NHGRI) $1000 genome project.8,11,12 The most successful of these technologies 
are variations of sequencing by synthesis (SBS) in which the incorporation of nucleotides 
into an extending DNA strand is directly detected.13 
  The sequencing method developed by Illumina, Inc. images a massive array of DNA 
template colonies immobilized on a substrate.8 The DNA templates are first attached to a 
glass slide and amplified locally using a bridging method to form DNA clusters.14 
Subsequent reactions are initiated using reagents supplied through a system of fluidic 
channels. The four types of fluorescently labeled reversible terminating bases are added to 
react with the DNA clusters. After the unreacted nucleotides are washed away, the type of 
nucleotide just incorporated can be read directly from a color image. The dye and the 
terminating groups are then cleaved and washed away and the cycles repeated to read the 
DNA sequence. The advantage of this method is that a very large number of DNA clusters 
can be read at the same time with a single camera. The throughput is determined by the size 
and density of the DNA cluster array and is much higher than that of Sanger sequencing. 
However, the read length is typically limited to ~100 bp due to dephasing, the accumulating 
loss of synchrony of nucleotide additions across copies of a template within a cluster. Error 
rates are typically two orders of magnitude higher than in Sanger sequencing (i.e., sequence 
accuracy is 99%). 
Both the Sanger and Illumina sequencing methods require many copies of DNA to 
achieve detectable signals. Limited read lengths make the subsequent sequence assembly 
more difficult and prone to error. Additionally, the reaction and the detection steps are 
separated so the full potential of the catalytic speed of the polymerase is not exploited.15 
Pacific Biosciences, however, recently developed a single molecule real time (SMRT®) 
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sequencing technology which greatly extends the read length.15 Rather than a flat substrate, 
the Pacific Biosciences system utilizes an optically transparent substrate coated with an 
aluminum film that is ~100 nm thick.  Within this film are patterned an array of holes 
extending through the film to the underlying substrate and having diameters of 60-100 nm.  
Each of these holes acts as a reaction well and polymerase enzymes are covalently bound to 
the bottom of individual wells.  Because these wells have diameters below the wavelength of 
visible light, they act as zero-mode waveguides, ensuring that the excitation of fluorescent 
molecules in solution is localized near the substrate surface (i.e., near the polymerase).16 
Single ss-DNA templates are incorporated by the bound polymerase and then a solution of 
labeled nucleotides is introduced, beginning extension of the complementary strand. Each 
nucleotide is fluorescently labeled on the terminal phosphate group, meaning that the dye 
molecule diffuses away from the polymerase after incorporation, leaving a natural nucleotide 
suitable for continued strand extension.  A successful incorporation is observed as a 
fluorescence pulse, with the nucleotides distinguished by the color of the fluorescent dye. 
The continuous reaction of the polymerase enables average read lengths of 3,000-5,000 bases 
with some reads exceeding 20,000 bases. The misincorporation of nucleotides and detection 
errors result in a single-read accuracy of <90%, though the random nature of the errors 
ensures that accuracy can be improved by additional coverage.17 
Other sequencing methods are also being developed to achieve cheaper and faster 
sequencing such as 454 pyrosequencing,73 Helicos single molecule sequencing,74 Ion 
Torrent’s SBS system,18 sequencing using transmission electron microscopy (TEM) 
imaging,19 sequencing with mass spectrometry,20 nanopore sequencing,21 and nanochannel 
sequencing.22  More will be discussed about the latter two techniques in section 1.3 below. 
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1.1.3 Physical Properties of DNA 
The above discussion of sequencing methods focuses primarily on the chemical 
nature of DNA. The physical properties of DNA also play an important role in the various 
sequencing technologies, whether it relates to electrophoretic separations in Sanger 
sequencing or template incorporation in SBS methods. It becomes of critical importance in 
proposed nanopore and nanochannel-based sequencing technologies. A great deal is known 
about DNA’s physical properties because it is highly amenable to single-molecule 
characterizations for a variety of reasons.23 DNA molecules can be found in circular or linear 
form.  They are available in monodisperse size distributions with contour lengths ranging 
from nanometer to centimeters. It is possible to fluorescently stain them using high 
efficiency, intercalating dyes to enable single molecule observation.24 
Three key parameters are used to describe the physical properties of DNA: the 
contour length (L), the persistence length (lp), and the effective width (w). The contour length 
is the end to end length of a fully extended DNA molecule.  For double-stranded DNA (ds-
DNA) this corresponds to the number of base pairs, N, times the base-pair to base-pair 
distance (0.34 nm).25 In the double helix, the aromatic bases are positioned in the helix’s 
interior while the hydrophilic, negatively charged phosphate-sugar backbone is exposed on 
the helix’s exterior. The hydrogen bonding and base stacking makes ds-DNA quite stiff. This 
stiffness is quantified using a parameter called the persistence length in polymer physics. In 
principle, the persistence length depends on the sequence of the DNA, as G-C pairs have 
three hydrogen bond, while A-T pairs only have two. However, this dependence is relatively 
small compared to the effect of the charge on the backbone.26 Coulombic interactions make 
the chain stiffer, an effect that depends on the ionic strength of the solution. The persistence 
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length decreases as the salt concentration increases, until it reaches a saturation point, which 
can be explained by the Manning condensation theory.27 In general, the persistence length (in 
nm) is given by the equation28 
 𝑙𝑝 ≈ 46.1 + 6.3𝜆𝐷 (1.1)  
where 𝜆𝐷is the Debye length (in nm).
 More will be discussed about the Debye length and 
Manning condensation in section 1.2. Note that the intercalating dye used in our fluorescence 
experiments increases the contour length and may affect the persistence length as well.29 
The charge on the back bone also contributes significantly to DNA’s effective width, 
which can be described by  
 𝑤 = 𝜆𝐷 [0.7704 + log⁡(
𝜆𝐷𝑒
2Г2
2𝜀0𝜀𝑟𝑘𝐵𝑇
)] (1.2)  
where Г is the number charge density (m-1), e is the electron charge, 𝜀0 is the vacuum 
permittivity, 𝜀𝑟 is the fluid dielectric constant, kB is Boltzmann’s constant, and T is the 
temperature.30  The physical width of B-form ds-DNA, as determined from the crystal 
structure, is ~2 nm. The effective width, however, is about 5 nm in a 100 mM monovalent 
salt solution and about 20 nm in a 5 mM solution.26 
Assuming the polymer behaves as an ideal random coil, the polymer’s contour can be 
treated as a random walk of Kuhn monomers with a step length of 2lp. The scaling of the 
polymer size (root-mean-square end-to-end distance, R) is23  
 𝑅~(𝑙𝑝𝐿)
1/2
 (1.3)  
In reality, a polymer chain occupies an “excluded volume,” which depends on the hard-core 
repulsion and the extent of solvation of the monomers. Flory theory takes into account this 
“self-avoidance” and the corrected root-mean-square end-to-end distance is31 
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 𝑅𝐹~(𝑤𝑙𝑝)
1/5
𝐿3/5 (1.4)  
 While ds-DNA behaves as a model polyelectrolyte under a variety of experimental 
conditions, single-stranded DNA (ss-DNA) has the bases exposed to solution and given their 
hydrophobic character, the molecules tend to form secondary structures. To minimize these 
structures, many experiments on ss-DNA are performed using denaturing buffers at elevated 
temperature, giving a persistence length of 1-5 nm.23 This presents a considerable challenge 
in using ss-DNA to probe the effects of confinement in nanoscale structures, as will become 
apparent in future chapters.  The experiments described in this thesis and the corresponding 
discussion all pertain to ds-DNA. 
1.2 Basic Electrokinetics 
Nanofluidics is the study of fluids in structures with one or more dimensions below 
100 nm.32 Because the hydraulic resistances are very high in nanofluidic conduits, fluidic 
transport is primarily manipulated using electrokinetic techniques.32 As a result of the 
reduced dimensions and increased surface-to-volume ratio, electrokinetic phenomena that are 
not significant in micron scale channels become important in nanoscale channels.32 It is thus 
very important to have a basic understanding of electrokinetic phenomena in order to 
understand behavior in nanofluidic systems. 
1.2.1 Electrostatics 
Many concepts in electrostatics involves the interplay between the Coulomb energy 
and the thermal energy, which determines the charge distribution.33 The charge distribution 
near a point charge, a linear polymer, and a charged surface will be discussed, followed by 
the important concepts of the electrical double layer (EDL) and the zeta potential. 
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1.2.1.1 Ion Pairs and the Bjerrum Length 
In an ideal electrolyte solution, the interactions between ions are ignored. This is not 
realistic, however, particularly in high ionic strength solutions where the interaction between 
ions can be strong enough that two oppositely charged ions can associate as an ion pair.34 
The electrostatic energy, U, of two point charges is described by Coulomb’s law, 
 𝑈 =
𝑞1𝑞2
4𝜋𝜀0𝜀𝑟
×
1
𝑥
 (1.5)  
where q1 and q2 are the charges of points 1 and 2, respectively, and x is the distance between 
charges.  When this energy for two elementary charges is comparable to the thermal energy, 
kBT, a characteristic length scale known as the Bjerrum length, lB, (after chemist Niels 
Bjerrum) is described:34 
 𝑙𝐵 =
𝑒2
4𝜋𝜀0𝜀𝑟𝑘𝐵𝑇
 (1.6)  
In aqueous solutions at room temperature, 
 𝑙𝐵 ≈ 0.7⁡𝑛𝑚 (1.7)  
1.2.1.2 Charge Distribution near a Polyion 
While the electric potential near a small ion increases inversely with decreasing 
distance (Equation 1.5), it is a logarithmic function of x upon approach to a line charge:35 
 𝑈 =
𝑒2Г
4𝜋𝜀0𝜀𝑟
×−ln(𝑥) (1.8)  
The charge distribution near a linear charged polymer can be treated by Manning’s 
condensation theory, assuming an infinitely long line charge with linear density, Г.27  When Г 
is sufficiently high, counterions can condense onto the polymer, reducing the density to a 
saturated value, Г0.27 This saturated linear density can be estimated by balancing the 
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electrostatic energy between the linear charge and counterion point charges (Equation 1.8) 
and the entropy of the counterions:35 
 𝑘𝐵𝑇 × ln(𝑥) (1.9)  
which, together with Equation 1.6, yields the relationship 
 Г0 =
1
𝑙𝐵
 (1.10)  
Considering the 0.7 nm value of the Bjerrum length given above (Equation 1.7), Γ0 is 
calculated to be 1.4 nm-1 or 0.49 e- per base pair, indicating a significant decrease from the 
nominal value for ds-DNA of 2 e- per base pair. 
1.2.1.3 Charge Distribution near a Surface 
The electric potential experienced by a point charge approaching a charged surface 
increases linearly as a function of x.35 The charge distribution near a surface can be described 
by the Gouy-Chapman theory,36 and a simplified derivation to the main conclusions is 
presented below.37  
When the solution is in equilibrium, the electrochemical potential of ion i must be the 
same everywhere. In balancing the gradient of the electric energy and the entropic energy, 
the ions exhibit a Boltzmann distribution:38 
 𝑛𝑖 = 𝑛𝑖,𝑏𝑢𝑙𝑘exp⁡(
−𝑧𝑖𝑒𝜑
𝑘𝐵𝑇
) (1.11)  
where ni is volumetric ion density, ni,bulk is the volumetric ion density in the bulk, zi is the 
charge of ion i, and φ the electric potential. The volumetric charge density of all ions near the 
surface is: 
 𝜌 = 𝑒∑𝑛𝑖𝑧𝑖
𝑖
 (1.12) e 
The net charge density at distance x from the surface follows the Poisson equation: 
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 ∇2𝜑 =
𝑑2𝜑
𝑑𝑥2
= −
𝜌
𝜀0𝜀𝑟
 (1.13)  
Combining Equations 1.11 –1.13 leads to the Poisson-Boltzmann equation: 
 
𝑑2𝜑𝑖
𝑑𝑥2
= −
𝑒
𝜀0𝜀𝑟
∑𝑛𝑖,𝑏𝑢𝑙𝑘𝑧𝑖exp⁡[−
𝑧𝑖𝑒𝜑𝑖(𝑥)
𝑘𝐵𝑇
]
𝑖
 (1.14)  
For small surface potentials,  
𝑧𝑖𝑒𝜑𝑖(𝑧)
𝑘𝐵𝑇
≪ 1, the Debye-Hückel approximation can be applied 
and Equation 1.14 becomes (using exp⁡(−𝛼) = 1 − 𝛼⁡for small α): 
 
𝑑2𝜑
𝑑𝑥2
= 𝜅2𝜑(𝑥) (1.15)  
where 
 𝜅 = (
𝑒2∑ 𝑛𝑖,𝑏𝑢𝑙𝑘𝑧𝑖
2
𝑖
𝜀0𝜀𝑟𝑘𝐵𝑇
)
1
2
 (1.16)  
The inverse of κ is also known as the Debye length (λD), which describes the characteristic 
length over which surface charges are screened by counterions in solution. At 25ºC, Equation 
1.16 can be simplified to give λD (in nm),37  
 𝜆𝐷 =
9.61
√𝐼𝑠
 (1.17)  
where the ionic strength, Is, expressed in mM is given by 
 𝐼𝑠 =
1
2
∑𝑐𝑖𝑧𝑖
2
𝑖
 (1.18)  
where ci is the concentration of the ith ion and zi its charge.  For 1 mM KCl, λD ≈ 10 nm, for 
100 mM KCl, λD ≈ 1 nm. 
Equation 1.15 is appropriate for small surface potentials (ziφi << 25.7 mV). Assuming 
a flat surface and symmetric electrolyte, a more general solution of Equation 1.14 is known 
as the Gouy-Chapman equation: 
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𝑑2𝜑
𝑑𝑥2
=
2𝑒𝑧
𝜀0𝜀𝑟
𝑛𝑏𝑢𝑙𝑘 sinh( 𝑒𝑧𝜑/𝑘𝐵𝑇) (1.19)  
1.2.1.4 The Electric Double Layer and the Zeta Potential 
The Gouy-Chapman model treats ions in solution as point charges and the solvent as 
a structureless dielectric with constant permittivity. To describe the system in finer detail, 
Stern introduced the idea of a compact layer of immobile surface ions and solvent molecules, 
later referred to as the Stern layer.37 Outside this compact layer exists a diffuse layer of 
mobile ions and solvent molecules, which can be described by the Gouy-Chapman model. 
The shear surface separating the immobile ions and the mobile ions is called the slip plane 
and the potential difference between this boundary and the bulk solution is the zeta-potential, 
ζ. Using this boundary condition, Equation 1.15 can be solved:39 
 𝜑(𝑥) = ζexp⁡(−𝜅𝑥) (1.20)  
and Equation 1.19 is solved:39 
 𝜑∗ = 2ln⁡(
1 + exp⁡(−𝜅𝑥) tanh(0.25ζ∗)
1 − exp⁡(−𝜅𝑥) tanh(0.25ζ∗)
) (1.21)  
where 𝜑∗ = 𝑒𝑧𝜑/𝑘𝐵𝑇 and ζ
∗ = 𝑒𝑧ζ/𝑘𝐵𝑇. 
Even for a fixed surface charge density, the zeta potential will change as a function of 
ionic strength. For a surface with fixed charge density σ, assuming the total charge in the 
diffuse layer has the same magnitude but opposite sign compared to the total charge on the 
surface,  
 σ = −∫ 𝜌𝑑𝑥 =
∞
0
− 𝜀0𝜀𝑟
𝑑𝜑
𝑑𝑥
|
𝑤𝑎𝑙𝑙
 (1.22)  
where the right hand side of the equation is from the Poisson equation (1.13). Substituting 
Equation 1.20 into Equation 1.22 gives:40 
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 ζ =
𝜆𝐷𝜎
𝜀0𝜀𝑟
 (1.23)  
More generally, substituting Equation 1.21 into Equation 1.22 gives:40 
 sinh (
−𝑒ζ
2𝑘𝐵𝑇
) =
𝜆𝐷𝜎𝑒
2𝜀0𝜀𝑟𝑘𝐵𝑇
 (1.24)  
At 25 ºC, 2𝑘𝐵𝑇/𝑒 = 51.2⁡mV. When ζ ≪ 2𝑘𝐵𝑇/𝑒, using sinh 𝑥 ≈ 𝑥, Equation 1.24 is 
reduced to Equation 1.23. When ζ ≫ 2𝑘𝐵𝑇/𝑒, using sinh 𝑥 ≈ exp⁡(𝑥)/2,  Equation 1.24 
becomes 
 ζ = −
2𝑘𝐵𝑇
𝑒
ln(𝜆𝐷) −
2𝑘𝐵𝑇
𝑒
ln (
𝜎𝑒
𝜀0𝜀𝑟𝑘𝐵𝑇
) = 𝑎0ln⁡(𝜆𝐷) + 𝑎1 (1.25)  
Equations 1.23 and 1.24 are used to calculate the zeta potential under different conditions. 
The simpler Equation 1.23 generally works for silica at low pH or high ionic strength. At 
higher pH or low ionic strength, however, Equation 1.25 should be used. 
1.2.2 Electrophoresis and Electroosmosis 
When subjected to an electric field, the motion of a fluid due to the force on the 
diffuse charges is described by the Navier-Stokes equation:40 
 𝜌𝐸 + 𝜂∇2𝑣 = 0 (1.26)  
where v is the fluid velocity, η is the viscosity, and E is the electric field. 
Combining with Poisson’s equation (1.13), the velocity can be solved by applying the 
boundary conditions at the surface (non-slip) and far away in the bulk :40 
 𝑢 = −
𝜀0𝜀𝑟𝜁
𝜂
𝐸 (1 −
𝜑
𝜁
) (1.27)  
Equations 1.20 and 1.21 can be substituted into Equation 1.27 to calculate the velocity 
profile. Since 𝜑 = 0 far from the surface, 
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 𝑢 = −
𝜀0𝜀𝑟𝜁
𝜂
𝐸 = 𝜇𝑒𝑜𝐸 (1.28)  
where the term µeo is known as the electroosmotic mobility, which was first described by 
Smoluchowski.37 
When a charged particle in an electrolyte solution is influenced by an electric field, 
the particle will move in one direction while the counterions will migrate in the opposite 
direction. Two simple solutions describing this motion can be obtained.  In the case of a thick 
double layer, the drag force and the electric force described by Stokes’ law and Coulomb’s 
law, respectively, can be balanced: 
 
𝑢𝑝𝑎𝑟𝑡𝑖𝑐𝑙𝑒
6𝜋𝜂𝑅𝑝𝑎𝑟𝑡𝑖𝑐𝑙𝑒
= 𝑄𝐸 (1.29)  
where uparticle is the electrophoretic velocity of the particle, Rparticle is its hydrodynamic radius 
and Q is the charge of the particle. For a thin double layer, the fluid flow around the particle 
as it migrates through the electrolyte resembles electroosmotic flow and: 
 𝑢𝑝𝑎𝑟𝑡𝑖𝑐𝑙𝑒 =
𝜀0𝜀𝑟𝜁
𝜂
𝐸⁡ (1.30)  
Here, the velocity is independent of the particle size and shape. This equation describes the 
relative motion of the particle and the counterions, with the bulk fluid assumed to be at rest 
and the shear forces restricted to the Debye layer. This has profound implications for DNA 
free electrophoresis. In the thin double layer limit, the electric force and the drag are 
balanced for each segment of the DNA and the fluid outside the Debye length is considered 
at rest.  The mobilities of DNA molecules are therefore independent of DNA size, and the 
solvent is effectively transparent to the DNA molecules (i.e., the DNA molecules are free 
draining).41 The electrophoretic separation of DNA molecules of various sizes requires 
migration through a gel or sieving medium in which a reptation motion enables 
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separation.42,43 The local force picture of the DNA free electrophoresis is widely accepted, 
but extension of its use requires caution, especially when additional external forces are 
applied.23 
1.3 DNA Analysis Using Nanopores and Nanochannels 
1.3.1 Nanopores 
The idea of using pores to sense analytes can be traced back to the 1940’s, when 
Wallace Coulter patented his invention for counting cells using an orifice.44 Cells in an 
electrolyte are passed through the orifice using pressure driven flow, while a voltage is 
simultaneously applied to monitor the ionic current through the orifice. Because the 
conductance of a cell and the saline solution are different, a resistance pulse is detected when 
a cell passes through the orifice. From the frequency and the amplitude of the pulses, 
information about the cell concentration and size are obtained. The basic principle of 
nanopore-based sensing technologies is the same, except that the pore sizes are a few 
nanometers and the analytes are single biomolecules.  
This leap was taken by Kasianowicz et al. in 1996,45 when they detected the 
translocation of ss-DNA and RNA through a 1.5-nm protein pore, which is large enough for 
ss-DNA but not for ds-DNA (Figure 1.1).46  In their experiments, an α-hemolysin protein 
pore complex was inserted into a lipid bilayer that was supported within a several micron 
Teflon orifice. ss-DNA or RNA molecules were added to one side of the pore, and a voltage 
was applied across it to electrophoretically drive the charged molecules. Stochastic current 
blockades were detected, each indicating interaction of a single molecule with the pore. 
Because the pore was only slightly larger than the width of the molecule, the molecules were 
forced to pass through the pore in a linear fashion. The amplitudes of the current blockades 
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should therefore be comparable for all events and their durations proportional to the length of 
the molecules. However, as shown in Figure 1.1 c, there were three distinctive groups in the 
histogram of event durations, despite a monodisperse RNA sample. The authors attributed 
the fastest events (peak 1 in the histogram) to collisions of RNA molecules with the 
nanopore, while the longer events (peaks 2 and 3) were due to successful translocations in 
which the molecules entered the pore with different orientations. 
This hypothesis was confirmed by Mathé et al. in 2005 using designed DNA hairpins 
with either 3ʹ or 5ʹ oriented ss-DNA overhangs.47 After the ss-DNA overhang was threaded 
into the α-hemolysin nanopore, the duplex region of the molecule prevented DNA passage 
through the pore. When the voltage was switched off, the time required for the molecule to 
diffuse out of the pore was detected and found to depend strongly on its orientation. All-atom 
molecular dynamics showed that the bases of the ss-DNA are tilted, resulting in a difference 
in the effective friction for the two orientations.47 
When a molecule is in the α-hemolysin pore, the electric force applied can be easily 
tuned by adjusting the voltage. The hairpin which usually stops the DNA translation thus can 
be unzipped given a high enough voltage. Sauer-Budge et al. constructed two molecules of 
DNA, both having a 50 base pair duplex region and a 50 base ss-DNA overhang. These two 
samples differed, however, in that one exhibited perfect complementarity in the duplex 
region while the other contained a four consecutive base-pair mismatches. The authors found 
that the time required to unzip the duplex was shorter for the molecule containing the 
mismatched bases (Figure 1.2 a).48 Using a linear voltage ramp (Figure 1.2 b), Mathé et al. 
measured the critical voltage for the unzipping of various hairpins in an α-hemolysin 
nanopore and found that the kinetics depended not only on the hairpin length but also on the 
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ramp rate and temperature.49 A similar unzipping experiment was conducted by McNally et 
al. using a 2 nm solid-state nanopore.50 
While biological nanopores provide highly reproducible pore structures, the size of a 
given pore cannot be easily tuned.51 Pores fabricated in solid-state membranes, on the other 
hand, offer the possibility of greater geometric and compositional variety.52 Using a 3-nm 
pore fabricated in a silicon nitride membrane, Li et al. were the first to demonstrate the 
detection of DNA translocations (of ds-DNA) through an artificial nanopore.53 In this initial 
experiment and in subsequent studies it was found that DNA molecules can pass through 
these larger nanopores (relative to α-hemolysin) in a folded conformation, resulting in current 
blockades having twice the amplitude and half the duration of events observed for fully 
linearized molecules (Figure 1.3). This effect is also seen in nanopores fabricated in single 
layer graphene sheets, a material that has attracted interest for nanopore applications due to 
its thinness.54,55 
From these experiments, it is clear that the differences in molecular width can result 
in different responses in the current attenuation. One potential application is the mapping of 
DNA by hybridization or association of sequence specific tags, followed by the nanopore-
based detection of these probe locations along a DNA molecule.21 Several proof-of-principle 
experiments have been demonstrated using this strategy.56 One potential challenge with this 
approach is that the velocity of DNA translocation through a nanopore is not constant 
throughout the process.57 
Since the first demonstrations by Kasianowicz et al., a motivation behind nanopore-
based sensing was to enable the direct, single-molecule sequencing of nucleic acids by 
distinguishing bases based on the current blockade levels.21 To test this hypothesis, early 
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experiments by Akeson et al. studied the current signals from different homopolymers 
including poly A and poly C.58 The current blockades are indeed distinguishable, with Poly C 
showing larger amplitude blockades, but this difference in response is due to the different 
secondary structures of the two homopolymers. 
In 2009 Clarke et al. reported that a cyclodextrin adapter could be inserted into the 
interior of an α-hemolysin pore.59  This complex is sensitive enough to distinguish the four 
nucleoside monophosphates (Figure 1.4). The authors then conducted the experiment with a 
sample of ss-DNA and exonuclease in the solution. The nucleoside monophosphates released 
by the exonuclease were subsequently identified by the modified pore.59 A sequencing 
method was proposed in which an exonuclease would be attached near the pore entrance such 
that nucleoside monophosphates excised from a DNA molecule would migrate through the 
pore complex and be identified.  
An alternative strategy, using a polymerase enzyme to assist nanopore-based 
sequencing, has also been proposed and demonstrated.60,61 The target ss-DNA is hybridized 
to a primer strand and a “blocking oligomer” and then bound to a polymerase (Figure 1.5). 
Native nucleoside triphosphates and enzyme cofactors are also added to the solution and the 
blocking oligomer prevents the premature extension of the complementary strand.  The 
single-stranded portion of the template DNA is pulled into the nanopore (α-hemolysin or 
MspA).  The force on the DNA/polymerase complex induces the unzipping and removal of 
the blocking oligomer. The polymerase then starts extending the complementary strand, 
ratcheting the single-stranded portion of the template DNA through the nanopore, counter to 
the electric field. The procession of DNA through the pore is thus significantly slower than in 
the case of free migration and the characteristic signal of nucleotides can be resolved. 
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1.3.2 Nanochannels 
There are two significant differences between DNA behavior and analysis in 
nanopores and nanochannels. First, nanochannels are by definition longer than nanopores and 
they consequently confine a macromolecule along a considerable portion of its length.  In 
many applications, it is desirable to introduce DNA molecules into channels that are longer 
than the DNA’s contour length.26,62  This is in contrast to nanopores in thin membranes 
(<100 nm thick), where a relatively small segment of a DNA molecule is directly 
constrained. Second, an optical signal (instead of electric signal) is often used as the 
detection method in nanochannel experiments. The length of nanochannels can render them 
relatively insensitive to DNA induced perturbations in the axial ionic conductance.  At the 
same time, the co-planar integration of nanochannels with ancillary device components 
discussed in Chapter 2 is conducive to optical microscopy. Due to these differences, single 
molecule analyses in nanochannels are quite different than those conducted using nanopores. 
A natural application of nanochannels is to study the extension of confined DNA. 
This extension increases as the size of the channel decreases.31 Two confinement regimes, 
defined by different molecular conformations are observed, requiring distinct theories 
(Figure 1.6).26 When the size of the channel is much larger than the persistence length, lp, the 
de Gennes blob theory is appropriate.63 For this theory, the polymer conformation is treated 
as a series of blobs, each following the unconfined self-avoiding random walk configuration 
(Figure 1.6 a). The blob size is constrained to the diameter of the channel, D. From Equation 
1.4, the contour length of each blob is: 
 𝐿𝑑𝑒⁡𝐺𝑒𝑛𝑛𝑒𝑠⁡~⁡
𝐷/3
(𝑙𝑝𝑤)1/3
 (1.31)  
So the extension length of the entire confined polymer simply is  
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 𝑅𝑑𝑒⁡𝐺𝑒𝑛𝑛𝑒𝑠⁡~⁡
𝐿
𝐿𝑑𝑒⁡𝐺𝑒𝑛𝑛𝑒𝑠
𝐷⁡~⁡𝐿
(𝑤𝑙𝑝)
1/3
𝐷2/3
 (1.32)  
 
When the nanochannel diameter is much less than the persistence length, however, 
the energy cost for bending increases rapidly, so the polymer assumes a deflecting rod 
conformation, as modeled by Odijk (Figure 1.6 b).64 The contour length of each Odijk 
segment is, 
 𝐿𝑂𝑑𝑖𝑗𝑘 = (𝑙𝑝𝐷
2)1/3 (1.33)  
and the overall extension length of the confined polymer is: 
 𝑅𝑂𝑑𝑖𝑗𝑘 = 𝐿 [1 − 𝐵 (
𝐷
𝑙𝑝
)
2/3
] (1.34)  
B is a constant depending on channel cross-section geometry, which is 0.17 for circular 
channels and 0.18 for square channels.65 
Several studies have investigated the scaling of chain size as a function of the channel 
diameter experimentally or through simulations. The compiled experimental results are 
compared to simulation results by Wang et al. in Figure 1.7.66 Most of the experimental 
results in Figure 1.7 were generated by Reisner et al. in experiments conducted in rectilinear 
nanochannels in fused-silica using λ-phage DNA.62 The Odijk regime is underrepresented in 
this data set, given the challenges of nanochannel fabrication at these smaller dimensions.  
For the larger channels (>50 nm), the experimental results qualitatively compare favorably 
with the simulation results, showing a power law dependence. The exponent of a the power 
law fit, however, was found to be -0.85 instead of the -2/3 predicted by de Gennes.62 Similar 
results were obtained by Persson et al. in a fused silica nanofunnel device, which had a fixed 
depth of 60 nm but a varying width ranging from 100 nm to 1000 nm over a distance of 450 
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microns.67 Because of the changing aspect ratio of the channel, a geometric average is used 
to characterize the mean channel diameter. An exponent of -0.85 is found to agree with 
Reisner’s results. Interestingly, when the extension length of circular DNA is measured in the 
same device, the power law relationship between extension length and channel diameter has 
an exponent of -0.65, close to de Gennes’ theory. Wang et al. performed simulations showing 
that there are two transitional regimes between the Odijk and de Gennes confinement models. 
The fact that the data obtained from the previous experiments were fit over a wide range of 
nanochannel sizes might contribute to the disagreement between the experimental data and 
the theoretical prediction. Utko et al. performed an experiment in thermoplastic channels 
having geometric means ranging from 200 to 300 nm and obtained an exponent of -0.76, 
closer to the predicted value of -2/3.68 
In order to introduce DNA molecules into a nanochannel, a force is needed to 
overcome the entropic barrier.69 The reverse process (ejection of a DNA molecule from a 
nanochannel) is initiated once a portion of the molecule escapes the nanochannel. Intensity 
profiles of DNA molecules in Figure 1.8 show several processes during which the 
conformational entropy of a DNA molecule changes.70 The molecule was first 
electrophoretically driven into the nanochannel. The opposing electric and entropic forces 
stretch the molecule, such that when it is fully contained in the channel and the voltage is 
turned off, the molecule relaxes to its equilibrium extension length. This process occurs over 
50 s. After 77 s, the molecule is electrophoretically migrated back to the entrance of the 
channel and begins to recoil once one end exits the nanochannel. The entropic force in this 
process is estimated to be about 220 fN. At 115 s, the molecule is driven into the channel 
again. This time the voltage is turned off before the molecule is completely threaded into the 
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channel. The molecule starts to recoil while shrinking, and a different intensity trace profile 
is observed.  In this case, the elastic recoil from a stretched conformation contributes to the 
primarily entropically driven escape from the nanochannel. 
The dynamics of nanostructure driven changes in entropy can be used to affect 
separations of macromolecules based on their size. Figure 1.9 shows a nanofluidic device 
that was used for DNA separations.71 The device consists of an array of periodic deep and 
shallow nanoslits, which resulted in mobility differences between DNA molecules with 
different sizes. Larger molecules were found to migrate faster in these devices, and a theory 
was presented to explain this result.72 When the molecule passes through the shallow regions 
of the nanoslits, the entropic barrier is indifferent to the sizes. Larger molecules, however, 
have a larger probability to have several monomers placed close enough to the region, where 
the electric field is large enough to initiate translocation. The device is able to efficiently 
separate long molecules, and the use of a multi-channel device to run samples in parallel was 
also demonstrated, showing the potential for practical applications.71 
Like nanopores, nanochannel-based devices also have potential utility for DNA 
genomic analysis, though the approaches are quite different. Several methods were 
proposed,26 but the nick-labeling method of genomic mapping is discussed here.22 In this 
approach, specific sequences occurring in a strand of DNA are fluorescently labeled with one 
color.  This is accomplished by cutting one strand of the ds-DNA using a nicking restriction 
enzyme.  A short segment of DNA containing fluorescently labeled nucleotides is then 
extended from the nick site using polymerase. The entire molecule is also nonspecifically 
labeled with a different color. The molecules are then driven into a nanochannel array, 
resulting in molecules that are uniformly stretched. The molecules are imaged and the 
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locations of the target sequence are identified (Figure 1.10 a).  The use of a high density 
array enables the imaging of multiple copies of genomic DNA, providing a more accurate 
consensus result. After the images were taken from each individual DNA segment, consensus 
maps with overlapping patterns were constructed (Figure 1.10 b). 
1.4 Research Objectives 
 The first challenge in developing nanopore or nanochannel-based applications is to 
fabricate these features and integrate them within microfluidic devices. The development of 
various fabrication techniques is first discussed in Chapter 2. In order to introduce 
macromolecules into the nanostructures, a significant energy barrier must be overcome. 
Chapter 3 discusses how a nanofunnel can facilitate this process. Chapter 4 describes the 
statics and dynamics of a molecule trapped in one of the funnels introduced in Chapter 3. 
Finally, while much of the research described in this Thesis is focused on the application of 
nanofluidics to DNA and biomolecule analysis, fluid transport behavior in the nanochannels 
relevant to a variety of applications was also observed. This nanofluidic behavior 
(specifically, concentration polarization) is discussed in Chapter 5.  
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1.6 Figures 
 
 
(a) (b) 
(c) 
Figure 1.1 Translocation of ss-DNA or RNA through an α-hemolysin nanopore. 
a) Schematic representation of the experimental setup. b) Sample current traces 
observed during the translocation of polyU RNA. c) Distribution of the event duration 
observed for polyU showing three isolated event populations. Reprinted from 
reference 45, © 1996 National Academies of Science.  
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Figure 1.2 DNA unzipping experiments. a) Schematic representation of 
the DNA unzipping experiments b) The event durations for two synthetic 
DNA constructs. Both samples consist of a 50-bp duplex region and 50 base 
single strand overhang. The 100/50mis sample has mismatches in the duplex 
region while the 100/50com does not. c) Unzipping DNA with a voltage 
ramp measures the critical voltage. d) The critical voltage was found to 
depend on the temperature and the ramp rate.  
 (a) and (b) are reprinted from reference 48, © 2003 American Physical 
Society. (c) and (d) are reprinted from reference 49, © 2006 EDP Sciences, 
IOP Publishing, Italian Physical Society. 
(a) (b) 
(c) (d) 
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Figure 1.3 DNA translocation through solid-state nanopores in various folded 
configurations. a) DNA translocation through a 3 nm SiNx nanopore. The 
distribution of the single-level events and the multi-level events are separated.  The 
single-level events distribution show two clusters which can be attributed to 
translocation in an unfolded and folded from the middle configuration (left). The 
multi-level events show a relation between the increasing duration and the decreasing 
amplitude (right). b) DNA translocation through a 5 nm graphene nanopore. The 
distribution of the translocation events is similar to the experiment with the SiNx 
pore. 
(a) is reprinted from reference 53, © 2003 Nature Publishing Group. (b) is reprinted 
from reference 54, © 2010 Nature Publishing Group. 
 
(a) 
(b) 
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Figure 1.4 Discrimination between unlabeled nucleoside monophosphate 
molecules using a modified protein nanopore. a) Current trace and distributions 
show characteristic current blockade levels for each of the four nucleoside 
monophosphates. b) The setup can be used to detect nucleoside monophosphates 
released by exonuclease from ss-DNA. c) The concept is proposed for DNA 
sequencing using an exonuclease attached to the nanopore. 
Reprinted from reference 59, © 2009 Nature Publishing Group. 
 
(b) (c) 
(a) 
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Figure 1.5 Reading DNA sequence using a nanopore and polymerase.  a) Structure 
of the mutant MspA nanopore and a schematic of the experiment. b) A representative 
current trace of the synthesis step.  The DNA sequence can be directly read from the 
trace. 
Reprinted from reference 61, © 2012 Nature Publishing Group. 
 
(b) (a) 
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(a) 
(b) 
Figure 1.6 Schematic of nanochannel DNA confinement in different regimes.  a) 
In the de Gennes regime, DNA consists of a series of blobs. b) In the Odijk regime, 
DNA consists of a series of deflected segments. 
de Gennes Regime 
Odijk Regime 
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Figure 1.7 Summary of experimental results (black symbols) and 
simulation results (red circles) showing the scaling of the confined DNA 
extension length with channel dimensions.  The inset shows profiles of λ-
phage DNA molecules confined in nanochannels with diameters ranging 
from 30 to 440 nm. 
Reprinted from reference 26, © 2012 IOP Publishing Ltd.  Adapted from an 
original figure in reference 66, © 2011 American Chemical Society. 
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Figure 1.8 Various dynamic processes observed for a DNA molecule within a 
nanochannel.  Intensity profiles of the DNA molecule are concatenated with time 
progressing along the horizontal axis. Brighter colors (yellow) indicate higher local 
DNA density. From 0 - 77 s, The DNA is first electrophoretically driven into the 
channel, and then the voltage is turned off. The DNA is elongated during the 
threading, and then relaxed freely to equilibrium size. From 77 – 80 s, the DNA is 
delivered to the entrance of the channel, then the voltage is turned off and  the entropic 
force results in recoil (80 – 113 s). Starting from 113 s, the molecule is pulled into the 
channel and the voltage is turned off immediately when a small portion of the 
molecule is still outside of the nanochannel entrance. The molecule elastically relaxes 
while recoiling at the same time. 
Reprinted from reference 70, © 2006 Cell Press. 
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Figure 1.9 An entropic trap array for DNA 
separation.  a) Schematic representation of the 
trap array (side view). b) Top view of the trap 
array. c) Overview of the device operation. d) 
Schematic showing how two types of long DNA 
molecules are separated in a 7 mm long channel. e) 
Experimental data showing the separation at 
different electric fields. 
Reprinted from reference 71, © 2000 American 
Association for the Advancement of Science. 
 
(a) 
(b) 
(c) 
(d) 
(e) 
40 
 
 
 
Figure 1.10 DNA mapping using 
nanochannels.  a) Representative image 
showing the data collection. DNA is 
uniformly stretched and the location of 
the labels are clearly visible. b) 
Overlapping patterns are used to construct 
the map. 
Reprinted from reference 22, © 2012 
Nature Publishing Group. 
 
(a) 
(b) 
41 
 
Chapter 2: Fabrication of Nanofluidic ElementsIntroduction 
The nanopores and nanochannels described in the previous chapter represent most of 
the nanofluidic platforms that have been used to interrogate individual macromolecules.  
These two classes of nanofluidic conduits differ both in their geometry and in their methods 
of fabrication.  In this chapter, the available top-down methods of fabrication for the two 
platform classes are reviewed.  This general discussion is then expanded with details of the 
protocols used to fabricate devices enabling the research described in later chapters of this 
Thesis.    
2.1.1 Thin Membrane Nanopores 
Much of the theory of confined macromolecules was developed decades before the 
ability to fabricate isolated nanopores and nanochannels.  This was motivated by the need to 
understand the behavior of macromolecules constrained within tortuous networks of 
nanopores such as those found in polymer melts, gels, and high-surface-area filtration 
media.1,2  More facile comparisons between theory and experiment are expected as the 
nanoporous network becomes less complex and nanopore size distributions become 
narrower.3 Platforms with these characteristics include membranes of aligned, non-
intersecting nanofluidic conduits such as those prepared in anodized aluminum oxide or 
track-etched polyethylene terephthalate films.4–6 Measuring transport through such porous 
membranes still requires sampling a population of molecules through a number of pores with 
some size variation.  To better understand the transport phenomena of macromolecules 
through nanopores and nanochannels, measuring transport through a single pore would 
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therefore be preferred.  This is precisely the approach taken by Kasiannowicz et al. in 1996 
when they measured the transport of single-stranded DNA molecules through a single α-
hemolysin pore traversing a lipid bilayer, initiating an interest in nanopore-based genomic 
sequencing.7,8 
Although protein pore complexes have precise self-assembled geometries and 
reproducible surface properties,8 these parameters cannot be easily varied over a wide range.  
The robustness of the pore-membrane system is limited by the sensitivity of the lipid bilayer 
to environmental conditions such as pressure, pH, and temperature.9 In contrast, nanopores 
traversing robust solid-state membranes can be fabricated with controlled size, geometry, and 
surface properties.  Additionally, such platforms are more amenable to integration with 
additional external components.9–12  
The first controlled fabrication of solid-state nanopores having dimensions 
comparable to those of transmembrane protein pore complexes was developed by Li et al. in 
2001 using an ion beam sculpting method.13 The fabrication was conducted in a SiNx 
membrane suspended on a silicon wafer. First, a bowl-shaped cavity was milled into the 
membrane from the back side using a Ga+ ion beam. Then a diffuse beam of 3-kV Ar+ ions 
was used to slowly remove additional material from the top side of the thinned membrane 
(Figure 2.1 a and b). The authors discovered that after pore formation, additional Ar+ 
irradiation could produce either pore opening or closing, depending on whether the substrate 
temperature was below or above 5 °C, respectively.  By counting the flux of ions passing 
through the pore, its size could be monitored in real time and precisely controlled. 
Another method of pore fabrication was reported two years later by Storm et al.14 A 
20 nm nanopore was first fabricated on a 340 nm thick silicon membrane using electron 
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beam lithography and anisotropic etching. After thermally oxidizing to SiO2, the pore was 
either enlarged or shrunk using a 200-kV transmission electron microscope (TEM), 
depending on the beam current density. This technique enabled nanopore fabrication with 
single-nanometer precision. The focused high energy electron beam produced by TEM also 
directly milled nanopores through thin membranes with the pore size adjusted in situ using an 
enlarged beam spot (Figure 2.1 c - h).14,15 Later work by Howitt et al. determined that pores 
were milled using 150-keV electrons but that 120-keV electrons were insufficiently energetic 
to affect milling.16 However, even lower energy focused electron beam (FEB, 0.2 – 20 keV) 
were used to fabricate nanopores, but with a gas assisted mechanism.17 
The availability of 200-kV TEMs and the precision of the FEB method have made 
this the preferred protocol for nanopore fabrication. Figure 2.2 shows representative 
nanostructures fabricated using this method. The JEOL 2010F-FasTEM was operated at 200 
kV to mill these features into a 60-nm thick SiNx membrane. The nanopore (Figure 2.2 a) 
was milled by focusing the electron beam to a caustic spot and exposing the membrane for ~ 
1 min. The “UNC” (Figure 2.2 b) was milled by connecting a series of nanopores. 
The analogous use of a focused He+ ion beam to mill nanopores through thin solid-
state membranes has also been demonstrated.18 The ability to load wafer-scale samples into a 
helium ion microscope (HIM) and the faster milling rate of He+ ions results in much higher 
throughput in the preparation of pore-containing membranes.  HIM instruments have not 
been widely adopted, however, and access is limited. 
Other methods for making and modifying nanopores have also been explored.9,19–27 
The track-etching method produces high aspect ratio conical single pore or pore arrays by 
etching a polymer membrane along paths previously irradiated by ions.20,27,28 If the size 
44 
 
requirements are relaxed, a number of other techniques can be used to fabricate nanopores 
having diameters that are tens of nanometers, including focused ion beam (FIB) milling using 
a standard Ga+ ion source and electron beam lithography followed by reactive ion 
etching.14,25 Pore sizes can be reduced by subsequently depositing an insulating film on the 
membrane and within the nanopore.  Atomic layer deposition (ALD) creates conformal 
coatings on the nanopore and membrane surfaces with single angstrom precision, reducing 
feature sizes. Such coatings have been shown to change the surface charge and reduce the 1/f 
noise.29 
2.1.2 Planar Nanochannels  
Nanofluidic conduits can also be patterned laterally across the top surface of 
substrates having arbitrary thicknesses.  In the top down approach, this is accomplished by 
directly removing material from the substrate. Methods for removing material include direct 
write techniques such as FIB milling or patterning the features into a resist layer and 
subsequently transferring the pattern into the underlying substrate using an etching technique. 
After patterning these “trenches” in the substrate surface, a coverplate is bonded to the 
substrate to complete the channels and generate the fluidic network.30 In principal, channels 
ranging in length from nanometers to centimeters can be patterned.  The most common 
example of this general method is the use of conventional optical lithography for fabricating 
a nanoslit, where the fluidic element is typically microns in width and nanoscale in depth.31,32 
The channels are patterned on a silicon or glass substrate, followed by a reactive ion or wet 
etching process. Channel depth is controlled by the etching parameters and < 20-nm deep 
channels have been successfully fabricated and their use demonstrated for various analytical 
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applications.31,33,34 In most cases, this method generates nanochannels with a uniform depth 
profile, but modification at the exposure step could lead to a gradient depth profile.35 
The smallest feature size that can be exposed in a resist layer using contact 
photolithography is limited by the exposure wavelength.32 The feature size that can be 
achieved using electron beam lithography (EBL), on the other hand, is determined by the size 
of the electron probe (~1 nm) and the scattering volume of electrons in resist materials. 
Features with critical dimensions below 10 nm have been demonstrated36  
Another low cost and high throughput technique is nanoimprint lithography.37,38 
Nanoscale features are first hot-embossed into a thin conformable resist layer using a rigid 
mold.  After the mold is removed, anisotropic reactive ion etching (RIE) is used to reproduce 
the features on the substrate. This technique can simultaneously transfer patterns having a 
range of sizes over large substrates. It should be noted that the preparation of the mold 
requires another nanofabrication technique such as electron beam lithography to produce the 
nanosize features. 
An alternative to lithographic methods is to pattern the nanochannels directly into the 
substrate. This has been realized using FIB milling, where 30 keV Ga+ ions were used to mill 
features into a conductive substrate.39 These massive ions are focused to spot that is typically 
10-50 nm in diameter and impact the substrate at speeds of several hundred km s-1.40 The 
kinetic energy of the incident ions is transferred to atoms in the substrate and the series of 
collisional cascades results in mechanical sputtering of substrate atoms and particles away 
from the surface.  Insulating substrates such as fused quartz can also be patterned by first 
depositing a conductive film onto the substrate surface to be milled.41,42 This film dissipates 
the charge induced by ions impacting the surface.  It also prevents redeposition and adhesion 
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of sputtered material on the substrate surface.  Material that is redeposited on top of the 
conductive film will be lifted off when the film is removed using an etching solution.  
Finally, the sacrificial conductive film can act as a masking layer, effectively further focusing 
the ion beam that impacts the underlying substrate and enabling the patterning of features 
smaller than 5 nm.43   The fabrication using FIB milling discussed in this Chapter is based on 
this technique and all of the substrates are fused quartz coated with a 120-nm thick Cr film 
unless otherwise noted. 
2.2 Milling Three-Dimensional Features using a Focused Ion Beam 
2.2.1 Instrumentation 
Nanoscale features were fabricated using a FEI Helios 600 NanoLabTM DualBeamTM 
instrument (Figure 2.3). It is equipped with a high-resolution electron beam and a gallium ion 
beam. The accelerating voltage range of the electron beam is 0.5-30 kV. The ultimate 
imaging resolution is 0.9 nm at 15 kV. Ions can be extracted from a liquid metal ion source 
(LMIS) and accelerated at a voltage of 1-30 kV, with aperture defined ion beam currents 
ranging from 1.5 pA to 20 nA. The imaging resolution using the minimal beam current is 5 
nm at 30 kV. Additionally, the instrument is equipped with gas-injection systems for 
enhanced etching (XeF2) and material deposition (Pt, W, and SiO2).  All milling and ion 
beam imaging described in this Thesis were conducted using a 30 kV accelerating voltage. 
Patterning with the ion beam is fully software controlled with a number of adjustable 
parameters. The accelerating voltage determines the beam energy while a user selectable 
beam-limiting aperture defines the probe size and incident ion current. These parameters 
determine the smallest feature one can fabricate and the sputtering yield.  In addition to the 
beam profile, the speed with which the beam is scanned over the substrate and the number of 
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passes over the patterned region also affect the quality of the patterned features. The 
sputtering behavior is complex, depending on the incident angle and any redeposition.44 Both 
effects are affected by the sample topography so the details of beam rastering have an 
influence on the milling results. 
There are several basic pre-configured patterns such as lines, circles, rectangles, and 
polygons. To make a desired feature the beam is normally scanned over the same pattern 
many times, making multiple passes. This produces a cleaner feature than patterning with a 
single pass because small amounts of redeposited material are repeatedly cleared.45 Users can 
set the dwell time and the number of passes and the program reports an estimated depth of 
the feature based on these parameters, the beam current density, and the sputtering yield of 
the substrate material. The actual depth many vary significantly from this expected value 
based on the details of the pattern geometry and must be empirically determined. In addition 
to the simple geometric patterns, the user can raster the beam in a more elaborate pattern 
defined by a bitmap image. Each pixel has a size equivalent to the radius of the focused ion 
beam spot and defines the positions where the beam dwells on the substrate.  The grayscale 
intensity for each pixel defines the dwell time. For example, if a dwell time of 10 µs is set by 
the user for a pattern then the beam will dwell for 10 µs on white pixels, 0 µs on black pixels, 
and intermediate dwell times for gray pixels. The dwell time scales linearly with the pixel 
intensity on a scale between 0-255 such that a gray pixel with an intensity value of 127 
would indicate a dwell time of 5 µs in the above example.  Patterning features into a 
substrate using a bitmap image provides precise control over all dimensions, with a minimum 
pixel size of 5 nm and depth gradations consisting of 256 levels. 
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As described in Chapter 1, the behavior of confined DNA molecules is sensitive to 
size of the nanochannel in which they are contained.  The description above details how 
nanochannel size can be precisely controlled in all three dimensions using FIB milling, 
assuming the correct parameters are defined by the instrument operator.  These parameters 
are validated by the in situ metrology of test features that are milled prior to the operational 
nanochannel.  The width and length of features are readily determined by nondestructive 
imaging using the electron beam in the instrument.  To determine the feature depth, however, 
it is necessary to first FIB mill a cross-section of the test feature and then image the exposed 
profile. Profile imaging is facilitated by the tilted orientation of the substrate relative to the 
electron beam (52°). Once the user determines that the test feature is the desired depth, he 
uses those instrument settings to mill the actual nanochannel.  The final metrology of the 
operational nanochannel is performed after removal of the Cr film using scanning electron 
microscope (SEM) imaging and Atomic force microscopy (AFM) profiling. 
2.2.2 Relationship between Ion Dose and Feature Depth 
Before using the bitmap patterning mode to fabricate three-dimensional features, the 
relationship between the ion beam dose and feature depth was quantitatively characterized. A 
series of six 1 µm × 1 µm squares was milled using a 28 pA (17 nm diameter) probe that was 
rastered an identical number of times (1701) over each square.  Each square in the series was 
milled using a different beam dwell time (1, 2, 3, 4, 5, or 6 µs). After the patterns were 
milled, they were cross sectioned and imaged using the electron beam in the DualBeamTM 
instrument to determine their depths (Figure 2.4). A depth of zero was defined as the 
interface between the quartz substrate and the protecting Cr film.  In the case of the 1-µs 
dwell time conditions, the feature did not penetrate into the quartz substrate and its “depth” is 
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therefore reported as a negative value. As expected, the measured depth showed a linear 
dependence on the dwell time. This is an important prerequisite for the controlled patterning 
of complex three-dimensional features using the bitmap patterning mode in which depths are 
controlled by the per pixel dwell times. 
2.2.3 Milling Nanochannels with Integrated Three-Dimensional Nanofunnels 
The control of DNA transport through nanofluidic channels is the central problem 
discussed in the following chapters.  One strategy for increasing the level of control over the 
introduction of DNA molecules into a nanofluidic channel is to engineer the gradual 
transition of the DNA molecule from its bulk conformation to the fully confined state.  By 
using a three-dimensional nanofunnel to guide the DNA into the nanochannel, a gradual 
variation in the degree of confinement is introduced by the nanofunnel's depth and width. 
FIB milling is an ideal nanofabrication technique for milling the nanofunnel because it 
simultaneously controls the feature width and depth using a grayscale bitmap.  The linear 
relationship between the dwell time and the milling depth described above is observed as 
long as the pattern is wide enough. As the pattern becomes narrower than several hundred 
nanometers, however, material redeposition becomes more important, and the depth becomes 
significantly shallower. To compensate for this, the dwell time is increased for these narrow 
regions. A drawback to simply correcting the dwell time for the narrow nanochannel features 
is that the intersection of the nanochannel and the nanofunnel is milled deeper than desired. 
To compensate for this, the pixels at the interface were optimized empirically. Figure 2.5 
shows the bitmap images used to mill the accompanying triangular and hyperbolic funnels.  
The SEM images show a tilted (52°) view of the features in order to better show the 
gradually changing depth of the funnels. 
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2.3 Milling Nanofluidic Structures using Multiple Ion Beam Currents 
2.3.1 Motivation and Challenges 
The nanofunnel and nanochannel patterns described above were milled using a single 
bitmap to ensure maximum precision in the integration of these features.  Multiple regions 
(bitmaps, lines, rectangles, etc.) can also be drawn, arranged, and milled in a single 
patterning series with nanometer precision.  This requires selecting a single ion beam current 
that is appropriate for all features in the desired pattern, however.  If features of widely 
different sizes (corresponding to different volumes of material that must be sputtered) are 
desired, then a single ion beam current may not be appropriate for this task.  A low ion beam 
current will enable milling of features with small critical dimensions but the milling time for 
the larger features could be prohibitively long.  Conversely, a high ion beam current will mill 
the larger features in a reasonable time frame but the probe diameter could be too large to 
mill fine features with the desired dimensions.  Table 2.1 summarizes the beam diameters 
and the milling time for a 1 µm3 volume at different beam current conditions.  The cost of a 
long patterning time is diminished throughput but, more importantly, the fact that over time 
sample drift can degrade milling precision.  Milling times < 10 minutes are typically targeted. 
The act of changing the beam current consists of changing a beam-limiting aperture. 
This is a mechanical process that requires the user to align the various column components 
(aperture position, stigmation coils, etc.). Pattern elements milled using different beam 
currents must therefore be milled sequentially.  The quality of their integration is controlled 
by the precision of aligning a second pattern to the location of an existing feature in a 
scanning ion image.  This is inherently less precise than defining multiple pattern elements 
that are arranged in a patterning file and then milled in a single run. 
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The development of a multiple beam current approach was motivated by the desire to 
integrate a narrow (~20 nm wide) nanochannel with a nanofunnel that gradually decreased in 
diameter from 1.5 µm to 100 nm.  Such a narrow nanochannel produces a DNA sensitive 
axial ionic current (similar to a nanopore through a thin membrane) while allowing the 
simultaneous fluorescence imaging of DNA molecules.  The incorporation of the nanofunnel 
reduces the magnitude of the electric field required to induce DNA translocation and 
provides greater control over transport dynamics. Milling such a narrow nanochannel 
requires the use of the smallest beam current (1.5 pA) and takes ~2 min (for a 3-µm long 
nanochannel). The incorporated nanofunnel is milled in 3 min using a beam current of 0.46 
nA.  To remove this volume of material using the 1.5 pA beam would take an estimated 15 
hours.   
2.3.2 Milling 20-nm Nanochannels with Integrated Nanofunnels 
The nanofunnel is initially milled into the substrate using an ion beam current of 0.46 
nA. The substrate is removed from the FIB, the Cr film is chemically etched, and a new 120-
nm thick Cr film is then deposited.  This film prevents charging but also protects the existing 
nanofunnel from unintentional ion beam damage. The nanochannel is then milled using a 1.5 
pA ion beam current, intersecting the narrow end of the nanofunnel.  As a final step, large 
vias are milled into the substrate, connecting the termini of the nanochannel/nanofunnel 
duplex with the microfluidic channels.  Figure 2.6 shows SEM images taken at different steps 
during the process of fabricating a 20-nm channel with an integrated three-dimensional 
funnel. Figure 2.6a shows the smooth surface between two microchannels before milling. A 
series of identical funnels were milled using a 0.46-nA beam current (Figure 2.6b). 
Following this step, the Cr layer was removed using an etching solution (Transene Company, 
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Inc.), and a new 120-nm thick Cr layer was deposited using an ion beam sputtering system 
(Model IBS/e, South Bay Technologies, Inc.). 
Patterning a small nanochannel with precise depths is more difficult than with larger 
features, as the tolerance is much smaller. A 10 nm error for a 100 nm channel is acceptable, 
but not for a 20 nm channel. To make the shallowest channel possible, several channels 
bracketing a range of depth settings were milled. Figure 2.6c shows the SEM image recorded 
immediately after milling. Because of the protecting Cr film, the depths of these channels 
look identical. After removal of the Cr film, a new 10 nm Cr film was deposited and SEM 
images were taken again (Figure 2.6d). High magnification SEM images (not shown) 
indicated that only the rightmost channel was milled into the substrate.  Next, the substrate 
was removed from the instrument and an additional 80 nm of Cr was deposited to protect the 
nanochannels.  The designated nanochannel was connected to the microchannels by milling 
relatively large vias (Figure 2.6e). Figure 2.6f shows a higher magnification view of the 
nanofunnel and nanochannel, along with the milled features that connect the nanochannel to 
the microchannel. It should be noted that the nanochannel is slightly deeper at the 
intersection with the nanofunnel, despite the efforts made to protect the substrate and feature 
surfaces using 100-nm thick Cr films throughout the fabrication protocol.  
2.4 Fabrication of Nanochannels using a Focused Electron Beam 
2.4.1 Introduction 
The fabrication of features as small as 3 nm has been demonstrated using FIB milling. 
This was accomplished by using a thick (300 nm) Cr film as a charge conducting and 
masking layer on a fused quartz substrate.41 The milling of such features is not routine, 
however, and the significant milling time, imprecision in the user-defined feature depth, and 
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relative variance in channel dimensions are significant challenges. On the other hand, 
focused electron beam (FEB) milling has been used routinely to create nanopores in solid-
state membranes as small as 1 nm with sub-nanometer precision. The milling of 
nanochannels on thick (electron opaque) substrates, however, has not been reported. 
The discovery of FEB milling as a viable tool for fabricating nanopores in solid-state 
membranes has motivated recent research on the mechanism of the process. This work 
expands on decades of research into the mechanisms of damage induced by high-energy 
electron beams,46–48 ironically a phenomenon avoided at all costs by electron microscopists. 
Wu et al. reported that use of a focused electron beam to mill a ~10 nm nanopore in a 60 nm 
thick membrane resulted in the concurrent thinning of the adjacent area. This depletion area 
is ~40 nm in diameter for a SiNx membrane and ~70 nm in diameter for a SiO2 membrane. 
The authors speculated that under the high intensity beam the material is liquidus and atom 
diffusion created this depletion area. They also speculated that the sputtering of material 
occurs from both the top and bottom sides of the irradiated area. 49,50 
Howitt et al. characterized the material loss rate for silicon and nitrogen from a SiNx 
membrane. They concluded, in contrast to Wu et al.,  that the mechanism of pore milling is 
direct atom displacement from the exit side of the membrane (i.e., in the direction of electron 
transmission).16 Given these conflicting models of the electron beam induced sputtering, it 
remains unclear whether FEB milling of features in a thick substrate is a viable fabrication 
technique. 
 
 
54 
 
2.4.2 Trials using a High Energy (200 kV) Electron Beam 
An obstacle to studying the FEB milling of a thick substrate is the rarity of 
microscopes capable of the necessary experiments. A typical transmission electron 
microscope capable of milling a nanopore requires an electron transparent membrane in order 
to monitor the formation of the pore in real-time. In order to demonstrate milling in an 
electron opaque substrate, experiments were attempted on a Hitachi HD-2000 STEM 
installed at Oak Ridge National Laboratory. This instrument has a high intensity cold field 
emission gun source, can be operated using extraction voltages up to 200 kV, and is unusual 
in that it is equipped with a secondary electron detector. It is therefore capable of producing 
an electron beam with sufficient intensity and energy to induce damage while allowing real 
time monitoring of the process in thick substrates. Unfortunately, it was not possible to 
characterize FEB milling in this experiment, as any milling was inhibited by beam-induced 
deposition of carbon on the substrate.  The fact that rigorous plasma cleaning of the substrate 
did not ameliorate the situation indicated that the source of the contamination was the 
microscope column.  Figure 2.7 shows carbonaceous spots and lines that were deposited on 
the substrate by parking the beam in spot mode or rastering over a line, respectively.  
2.4.3 Material Damage on Quartz Substrates using a Low Energy (10 kV) Beam 
While attempts using a high-energy electron beam to directly mill features on a thick 
substrate were not successful, the lower energy beam in a SEM instrument was found to 
induce damage on a fused quartz substrate.  Figure 2.8 shows two examples of such effects. 
In both cases, damage was induced on fused quartz substrates coated with a 10-nm Cr film. 
The AFM images showing the damage (Figures 2.8b, c) were scanned after this Cr film was 
removed, indicating that the damage was indeed on the quartz surface.  Figures 2.8a, b show 
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that scanning the SEM electron beam over small regions of the substrate for extended periods 
can cause material removal, observed as depressed regions in the AFM profiles. 
A more controlled attempt at patterning features is shown in Figures 2.8c, d. The 10-
kV electron beam was rastered in a linear fashion over the surface. While the focused 
electron probe had a diameter of ~1 nm, the milled channel was about 700 nm wide and 8 nm 
deep. Such a wide region of damage induced by a low energy electron beam is unlikely 
caused by direct atom displacement.16 It is more likely caused by the residual water assisted 
etching mechanism reported by Spinney et al.17 
2.5 Conclusion and Future Directions 
 Various methods for fabricating nanofluidic elements were discussed along with a 
discussion of the development of FIB milling for patterning complex nanostructures. In the 
next few chapters, the use of these nanostructures in nanofluidic applications, primarily for 
analyzing individual DNA molecules, is discussed. The development of milling using a 
focused electron beam proved less successful, however, and was not pursued further. 
Nonetheless, the results and discussion above suggest some future possibilities for 
nanofabrication using focused electron and ion beams.  
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2.7 Tables and Figures 
 
 
(a) (b) 
(c) (d) (e) 
(f) (g) (h) 
Figure 2.1 Nanopores fabricated using different types of high 
energy beams.  a) Schematics of the nanopore formation using ion-
beam sculpting method. b) Feedback controlled ion-beam sculpting 
apparatus. c) Schematic showing a thin membrane used for TEM 
milling. d, e) TEM images showing milled nanopores. f-h) A 6 nm 
pore is shrunk to 2 nm. 
(a) and (b) are reprinted from reference 13, © 2001 Nature 
Publishing Group. (c) - (h) are reprinted from reference 14, © 2003 
Nature Publishing Group. 
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(a) (b) 
Figure 2.2 Nanostructures milled using a focused electron beam. The JEOL 2010F-
FasTEM was operated at 200 keV to mill these features.  a) A 12 nm nanopore. b) 
“UNC” pattern where the smallest dimension is ~3nm. 
1 0  n m
(a) 
20 nm 
3 nm 
Figure 2.3 A photo of the FEI Helios 600 NanolabTM DualBeamTM 
instrument.  It is equipped with a high resolution SEM and a FIB.  
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Figure 2.4 Linear relationship between the dwell time 
and the milled depth.  a) SEM images of the cross 
sectioned squares milled with different parameters. b) The 
milled depth as a function of the dwell time. Zero is 
defined as the interface between the Cr layer and the 
quartz substrate. 
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Figure 2.5 Bitmap images and the patterns milled according to 
these images.  a) Bitmap image for a triangular funnel with a 500 nm 
channel. b) SEM image of the milled triangular funnel. c) Bitmap image 
for the hyperbolic funnel with a 500 nm channel. d) SEM image of the 
milled hyperbolic funnel. 
(a) (b) 
(c) (d) 
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Table 2.1 Probe size and the milling time required for sputtering a 
1µm×1µm×1µm cubic volume at different ion beam currents. 
  
Figure 2.6 SEM images showing the steps of milling a 20 nm wide nanochannel with a three-
dimensional nanofunnel.  a) The gap between the microchannels before milling. b) Step 1: mill 
nanofunnels. c) Step 2: mill nanochannels. d) SEM images of the nanochannels after removing the Cr 
layer. Only the rightmost channel was found to be milled into the quartz substrate. e) Mill the access 
to the microchannels. f) Higher magnification view of the finished structure. 
(a) (b) (c) 
(d) (e) (f) 
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(a) (b) 
Figure 2.7 Secondary electron images showing the contamination in the STEM. a) 
Spots created by dwelling the beam on the SiNx membrane. b) Lines created by 
scanning the electron beam over a fracture in a SiNx membrane. 
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Figure 2.8 Damage induced by a 10 kV electron beam.  a) AFM image of 
features milled using FIB. The left one is a nanochannel. The right one is a 
nanochannel with two cross sectioning cuts. b) AFM image of the same area as in 
(a) after the following processes: 1. Several SEM images were taken at the center of 
the two features. 2. The Cr film was removed. 3. A new 10 nm Cr film was 
deposited. c) AFM image showing the electron beam induced damage achieved by 
rastering the beam along a series lines. The red line shows the path of the depth 
profile in (d). d) Depth profile of the channels in (c). 
(a) (b) 
(c) (d) 
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Chapter 3: Capture of DNA Molecules Using Three-Dimensional  
Nanofunnel-Nanochannel DevicesIntroduction 
3.1.1 Background 
 As discussed in the introductory chapters of this Thesis, nanofluidic devices have 
been demonstrated as powerful tools for the analysis of single DNA molecules.1 The 
nanopores and nanochannels used in these analyses often have diameters that are smaller 
than the hydrodynamic radius and even the persistence length of analyte macromolecules.  
As a consequence, insertion of polynucleic acids into the conduits not only localizes the 
macromolecules, but also linearizes them by threading them through nanopores or extending 
them within nanochannels.2–4 Such confinement reduces a polymer’s conformational entropy 
and must therefore be initiated by applying an external force (e.g., hydraulic or 
electrostatic).5,6 The hydraulic resistance of the nanochannels are normally very large. As a 
result, most of the experiments use electrostatic forces to control molecular transport.7 
The free energy associated with the capture and subsequent threading of a 
macromolecule has primarily been studied in the case of voltage-driven translocation of 
biological macromolecules through nanopores.8–15 In these experiments, the translocation of 
the molecule perturbs the quiescent current, and the event duration, amplitude, and frequency 
reveal analyte characteristics such as macromolecule length, secondary structure, and 
concentration.16 The often abrupt boundary between a nanopore and the reservoirs to which it 
is interfaced results in steep gradients in the electric field strength, fluid flow velocity, and 
degree of confinement.17,18 As a result, the electric, hydrodynamic, and entropic forces that 
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the molecule experiences are changing rapidly as the molecule threads into the pore. A 
detailed understanding of the threading process requires knowledge of the nanopore 
geometry, the resulting shape and magnitude of the force fields, the dynamics of tension 
propagation within the polynucleotide, and any interactions between the polynucleotide and 
the nanopore surfaces.15,19,20  Given these parameters, theoretical studies can be correlated to 
experiments that measure the capture frequency of ss-DNA, ds-DNA, and proteins.8–15 When 
the driving voltage is large or the nanochannels are large, the capture rate of the 
macromolecules is a linear function of the voltage, indicating the process is mass-transfer, 
not barrier, limited.14 At lower voltages, an exponential dependence of the capture rate on 
voltage is observed, indicating the presence of an entropic barrier controlling the threading 
process.11,12 The existence of such a barrier affects the throughput of a nanofluidic device8 
and the transport velocity of analytes through nanopores and nanochannels,21 which imposes 
minimum requirements on detector bandwidth. 
The accurate metrology of individual nanopores is an important prerequisite to study 
polymer behavior.  Nanopores fabricated using top-down methods in insulating membranes 
are subject to significant pore-to-pore variability.  While precise characterizations are 
possible using, for example, transmission electron tomography,22 these techniques are not 
routinely applied.  More often the nanopore geometry is inferred from some measured 
dimensions (e.g., membrane thickness, diameter at maximal constriction) and models based 
on prior, more rigorous characterizations of nanopores of the same class.  Pores fabricated 
using the track-etch method have a conical shape;23 ion-beam sculpted pores have a concave 
shape;22 electron beam milled pores typically have a bi-conical shape.22  Engineered 
divergence from these method specific geometries is limited.  It should be noted that 
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biological nanopores consisting of self-assembled pore protein complexes that traverse lipid 
bilayers have precise and reproducible geometries.24  While this is a highly desirable trait for 
many applications, investigating the role of the engineered geometry of a biological pore is 
even more limited than in the case of top-down fabricated nanopores.25,26 
In contrast to nanopores perforating thin membranes, nanochannels fabricated in the 
top surface of substrates can be readily imaged using scanning electron microscopy (SEM) 
and profiled using atomic force microscopy (AFM) to accurately determine their dimensions 
along their entire lengths.27  Additionally, the fact that the nanochannels are co-planar with 
the microfluidic channels that access them enables the incorporation of structures, such as 
post arrays or gradually narrowing channel dimensions,6 that mediate macromolecule 
capture.  Polynucleic acids stained with intercalating dyes can be readily imaged using 
fluorescence microscopy, providing direct tracking of molecular motion and assessment of 
nanoscale confinement effects.28,29 
In this Chapter a study of the capture process with three-dimensional nanofunnels 
fabricated using FIB milling is described. Precisely defined nanofunnels were seamlessly 
integrated with long nanochannels, generating nanochannel entrances with any desired 
geometry. Figure 3.1 a shows the schematic representation of the fluidic device, and Figure 
3.1 b shows the schematic of the three-dimensional funnel. The SEM image in Figure 3.1 c 
shows a nanofunnel-nanochannel structure connecting microfluidic channels at both ends. A 
set of nanofunnels was investigated and the transport of fluorescently-stained DNA 
molecules driven electrostatically.  By tuning the nanofunnel geometry, it was possible to 
drive DNA translocations through the nanochannel at voltages lower than those required in 
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the absence of a nanofunnel. Additionally, direct measurements of the threshold electric field 
enabled a comparison of the effects of different nanofunnel geometries. 
3.1.2 Three-Dimensional Nanofunnel Design 
The flexibility afforded by FIB milling means that an almost infinite variety of 
nanofunnel geometries and sizes can be fabricated.  In this Chapter, experiments are 
described that were conducted on a set of nanofunnels defined by the general equation 
 𝐷(𝑥) = (𝐷𝑚 − 𝐷𝑛) (
𝑥
𝐿𝑓𝑢𝑛𝑛𝑒𝑙
)
𝛼
+ 𝐷𝑛 (3.1)  
where D(x) is the geometric mean of the nanofunnel width, y(x), and depth, z(x), at the 
coordinate, x, along the funnel’s longitudinal axis and Lfunnel is the length of the nanofunnel.  
Dn and Dm are likewise geometric means describing the nanofunnel width and depth at its 
narrowest point (where it is interfaced to the nanochannel) and widest point (where it is 
interfaced to the microchannel), respectively.  In this work, funnels having approximately 
square cross-sectional profiles along their entire lengths were fabricated, such that 
D(x)≈y(x)≈z(x).  This differs from previous studies of gradient structures in micro- and 
nanofluidic devices, where confinement in one dimension is gradually increased.6,30  The 
values for Dn, Dm, and Lfunnel were kept constant, while comparisons were made between 
nanofunnels with various values of α (α=0, 0.5, 1). These investigations thus placed an 
emphasis on nanofunnel shape over size variations.  Dn was ~100 nm, comparable to the 
Kuhn length of dsDNA.  Dm was 1.5 μm, close to the radius of gyration of λ-phage or T4-
phage DNA (~1.4 μm and ~2.9 μm, respectively).  A length of 22 µm ensured that a) the 
funnel was longer than the expected DNA extension length, and b) there was sufficient time 
to adjust the applied voltage as the molecule was captured by the funnel. Longer funnels may 
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facilitate the studies described here and in Chapter 4.  Funnel length was limited by the 
fabrication protocol, however, in that the milling time was kept below 10 min to avoid a loss 
of pattern fidelity associated with sample drift.27,31 The parameter α determines how quickly 
a molecule is constrained in moving from the microchannel into the nanochannel (Figure 3.1 
d). A smaller value of α indicates a more dramatic change in diameter at the nanoend, while a 
larger value of α implies a faster change at the microend. When α = 0, the funnel becomes a 
vestibule with diameter Dm. When α = ∞, the funnel is eliminated and the nanochannel (with 
diameter Dn) interfaces directly with the microchannel. 
Figure 3.1 d shows various nanofunnel shapes that were studied.  Funnel widths were 
measured using both SEM and AFM, while depths were profiled using AFM.  Because the 
aim of these studies was to better understand the role of nanofunnel geometry on polymer 
behavior, dimensions were selected that were conducive to accurate metrology.  While 
smaller features (Dn < 10 nm) can be fabricated using FIB milling, a minimum dimension of 
100 nm ensured complete access of the AFM probe to the bottom of the nanofunnels and 
nanochannels.27,32  Representative depth and width profiles are shown in Figure 3.1 e to 
illustrate the three-dimensional nature of the FIB milled nanofunnels.  Other fabrication 
techniques relying on lithography followed by substrate etching can produce nanofunnels 
with varying width and a constant depth (equivalent to the nanochannel depth if a single 
lithography and etching cycle is implemented).33,34  While polymer dynamics will be affected 
by these structures, the introduction of DNA molecules to the nanochannel will be dominated 
by partitioning from the microfluidic channel to the nanofunnel.  Gradually increasing the 
confinement of DNA molecules in both width and depth, in contrast, enables more precise 
control of the process. 
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3.2 Materials and Methods 
3.2.1 Device fabrication 
 A focused ion beam was used to mill the nanochannel and the funnel, a process 
discussed in Chapter 2. A schematic representation of the nanofluidic devices fabrication 
process is shown in Figure 3.2.  Microfluidic channels were patterned in fused silica 
substrates (Telic Co.) using standard photolithography and wet etching in a 5:1 buffered 
oxide etch solution (a solution of ammonium fluoride and hydrofluoric acid, Transene 
Company, Inc.) for about 30 minutes at room temperature. Typical dimensions were 20 µm 
wide and 3 µm deep, with an 80 – 90 μm gap between independent microchannels.  Vias 
accessing the microfluidic channels were drilled from the substrate backside using abrasive 
powder blasting (MicroBlaster, COMCO, Inc).  The substrate as received from the supplier 
was coated with a 130-nm thick chromium film, through which the nanofunnel and 
nanochannel were milled into the underlying substrate using a FIB instrument operated at 30 
keV with a 0.46 nA beam current (Helios NanoLab DualBeam, FEI Company). 
Following FIB milling, the 130-nm thick chromium film was removed using a 
chemical etchant (Transene Company, Inc.) and a new 10-nm chromium film was deposited 
using ion beam sputtering (Model IBS/e, South Bay Technologies, Inc.).  The purpose of this 
second film was to dissipate charge and protect the surface during subsequent SEM and AFM 
imaging.  The nanofunnel and nanochannel were imaged using SEM and AFM with a high 
aspect ratio probe (ACCESS-NC probe, Applied NanoStructures, Inc.).  After imaging, the 
chromium film was chemically etched, the substrate cleaned by immersion in Nanostrip 2X 
(Cyantek Corporation), and the top surface bonded to a clean fused silica coverslip.  
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Permanent fusion bonding was achieved by heating the bonded substrate in a furnace to 
1000 °C for 50 hours.  
After bonding, reservoirs were affixed over the powder blasted vias with a UV-
curable epoxy to facilitate the introduction of solutions to the fluidic network.  The channels 
were filled with 2X TBE (Tris-borate-EDTA) buffer prepared from a 10X TBE stock 
solution (Fisher Scientific) and the ionic conductance was measured  using an Axopatch 
200B patch clamp amplifier (Molecular Devices) between all possible reservoir pairs.  The 
measured values were compared to those expected from the microchannel, nanochannel, and 
nanofunnel geometries and dimensions in order to confirm that all channels were wetted and 
clear of obstructions. 
3.2.2 Measurement of Translocation Event Frequency 
A schematic representation of the event frequency experiment is shown in Figure 3.3. 
Lambda-phage DNA (48.5 kbp, Promega Corporation) in 2X TBE was stained with the 
intercalating dye YOYO-1 (Invitrogen) at a base-pair:dye ratio of 5:1.28  Solutions containing 
5 ng/μL of λ-phage DNA also contained 4% (by volume) β-mercaptoethanol (Fisher 
Scientific) to limit photoinduced fragmentation and 2% (by mass) polyvinylpyrrolidone 
(PVP, 10 kDa, Sigma-Aldrich) to suppress electro-osmotic flow (EOF) within the 
channels.35,36  The device was mounted on an inverted fluorescence microscope (Eclipse 
TE2000-U, Nikon) and imaged through a 100x/1.4 NA oil immersion objective (Nikon) 
while λ-phage DNA molecules were being electrophoretically driven through the 
nanochannel.  Fluorescence was excited using a 100-W mercury arc lamp filtered through a 
GFP-3035 filter set (excitation at 472 nm, emission at 520 nm, Semrock) and images were 
recorded using a Cascade II EM-CCD camera (Photometrics) at 10 frames per second.   
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These images were analyzed using an automated image analysis program written in Matlab 
to count the number of translocated DNA molecules and determine the interval between 
events.   
The applied voltage ranged from 0.3 to 5 V, corresponding to an electric field 
strength within the nanochannel of 45 – 750 V/cm.  In order to compare the event frequency 
in the presence or absence of a nanofunnel, experiments were conducted in which the DNA 
molecules were introduced from either the funnel side or the channel side (Figure 3.3).  More 
than 100 molecules were typically analyzed for each voltage.  Fewer molecules were 
analyzed from experiments driving transport from the channel side using voltages below 1 V 
(150 V/cm).  Because the translocation frequency at these voltages was reduced by the 
entropic barrier, long-term operation resulted in the accumulation of DNA near the 
nanochannel entrance, which will be discussed in more detail later. To reduce effects from 
DNA concentration or molecular crowding, data were collected for 10 minutes, followed by 
2 minutes during which the voltage was raised to 2 V to clear the accumulated DNA through 
the nanochannel.  The voltage was then returned to the lower voltage and additional data 
collected until the transport of at least 20 molecules was recorded. 
3.2.3 Determining the Threshold Voltage 
The schematic representation of the threshold voltage experiment is shown in Figure 
3.4. Experiments were conducted to characterize the minimum voltage required to initiate 
DNA transport through the nanochannel on devices with various nanofunnel geometries.  
Dilute (0.25 ng/μL) solutions of λ-phage or T4-phage (165.6 kbp, Nippon Gene Co.) DNA in 
2X TBE buffer were used in order to reduce the possibility of two molecules simultaneously 
occupying the nanofunnel.  The effect of the dynamic coating, PVP, was investigated by 
76 
 
conducting experiments with 2X TBE that contained no PVP or 2% PVP by mass.  A small 
voltage was applied to introduce a DNA molecule to the nanofunnel and hold it near the 
nanochannel entrance.  Because the molecule was effectively trapped at the nanochannel 
entrance, it could make multiple attempts at translocation.  If after 5 minutes the molecule 
did not translocate through the nanochannel, the voltage was increased by increments of 10 
mV (α=0.5, 1) or 100 mV (α=0).  This process was repeated until the molecule successfully 
translocated through the nanochannel.  The threshold voltage was verified by measuring 
multiple molecules or interrogating the same molecule multiple times. 
3.3 Results and Discussion 
In moving from a microchannel to a nanochannel, the molecule experiences the same 
amount of entropy change regardless of whether a funnel is present.6 However, the funnel 
affects the path of the entropy change, as well as the electric field along the path, which is 
capable of overcoming the entropy change. A qualitative picture of the free energy landscape 
near the threshold voltage with or without a funnel is shown in Figure 3.5. When the same 
voltages are applied, the presence of the funnel decreases the energy barrier for the molecule 
to enter the nanochannel. 
Similar to studies performed using biological or solid-state nanopores, this entropic 
barrier was characterized by measuring the frequency of translocations through the 
nanochannel as a function of voltage.8–15 To assess the effect of a nanofunnel, translocations 
were measured using a nanochannel (width = 96 nm, depth = 141 nm) having one end that 
interfaced directly with a microchannel while its opposite end was interfaced to a nanofunnel 
(α=0.5).  Translocation frequencies were then measured for DNA molecules that were 
electrophoretically driven from each of the nanochannel’s ends.  For a given applied voltage, 
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the magnitude of the electric field in the nanochannel was therefore identical, irrespective of 
the voltage polarity.  It should be noted that throughout this chapter, comparisons of voltage 
dependent polymer behavior are made on the basis of the electric field strength in the 
nanochannel, E, accounting for variation in nanochannel length across devices.   
The results of these experiments are shown in Figure 3.6.  In the case of DNA 
translocations driven from the end lacking a nanofunnel, an exponential increase in event 
frequency was observed with an increase in electric field strength at low voltages.  At higher 
voltages, the event frequency increased linearly with the electric field strength.  Not 
surprisingly, this behavior is identical to that observed for translocations through 
nanopores.11  At low voltages the translocation frequency is dominated by the kinetics of 
barrier crossing, while at high voltages the electrostatic force exceeds the entropic barrier and 
event frequency is limited by the rate at which DNA molecules approach the nanochannel 
entrance.8  In the region of exponential response (E < 225 V/cm) the data can be analyzed 
using a van’t Hoff-Arrhenius formulism.10,11 The translocation frequency, f, is fit to the 
equation 
 𝑓 = 𝑓0exp⁡(
𝐸
𝐸0
) (3.2)  
where E0 is the threshold field strength required to drive translocation, f0 = (1.1 ± 0.7) × 10
-3 
min-1, E0 = 41 ± 6 V/cm. 
When DNA molecules are driven in the opposite direction (i.e., from the funnel side), 
no exponential dependence of event frequency on voltage is observed.  Although the total 
entropy change is the same, the nanofunnel can lower the threshold field strength required for 
translocation by optimally balancing the voltage reduction to the entropic barrier as the 
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molecule deforms from its bulk to extended conformation.  Gradient structures have 
previously been shown to facilitate DNA introduction into nanochannels.6  These devices 
consist of pillar arrays and/or microchannels with gradually decreasing depths that feed into 
nanochannel arrays.  While practical and easily fabricated, such architectures do not lend 
themselves to a precise characterization of the electrostatic, hydrodynamic, and entropic 
forces.  Furthermore, a population of DNA molecules may be influenced by a broad 
distribution of force profiles given the various paths that molecules can traverse in a pillar 
array. In contrast, the three-dimensional nanofunnels described here provide a platform in 
which these forces are well defined and are acting on equilibrated DNA molecules. 
While event frequency measurements appear effective for probing the barrier to 
translocation in the absence of a nanofunnel, there are some considerations that warrant an 
alternative approach in characterizing the effects of nanofunnels.  In the presence of a 
nanofunnel, the low frequency of translocation events at low electric field strengths precludes 
the acquisition of enough events to precisely determine the threshold electric field.  While 
event frequency can be increased by a commensurate increase in the DNA concentration, it 
should be noted that a concentration of 5 ng/µL (170 pM) corresponds to approximately one 
λ-phage DNA molecule in 10 µm3, a volume comparable to that of the nanofunnels.  The 
presence of multiple DNA molecules in a nanofunnel is therefore possible and is likely to 
affect the observed translocation frequencies.  Such effects are exacerbated when the 
translocation rate is attenuated by the entropic barrier (i.e., at sufficiently low field strengths).  
In contrast to nanopores, where the electric field is negligible far from the pore and DNA 
molecules approach the pore diffusively, in the fluidic devices described here a fraction of 
the applied voltage is dropped across the microfluidic channels and DNA molecules migrate 
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toward the nanochannel.  This results in the concentration of DNA over time when the rate of 
migration to the nanochannel exceeds that of translocation through the nanochannel.  In the 
case of translocation in the absence of a funnel, this concentration enhancement in the source 
microchannel was directly monitored. Figure 3.7 a shows the intensity change in the 
microchannels over about 2 hours at a nanochannel field strength of 125 V/cm. A 10 µm long 
microchannel region at the nanochannel entrance was selected to monitor the intensity 
change, and it was compared with the intensity in the selected microchannel as the 
background (red dashed rectangles in Figure 3.7 a). The intensity as a function of time is 
plotted in Figure 3.7 b, and the ratio of the two is plotted in Figure 3.7 c. A roughly linear 
concentration increase was observed over the first hour as shown in the plot. Because time 
dependent concentration effects will skew the results of near threshold measurements, an 
alternative method was utilized to determine the threshold electric fields for various 
nanofunnel shapes. 
Directly measuring the electric field sufficient to drive translocation was enabled by 
the ability to visualize DNA molecules in the planar nanofluidic devices.  Low concentration 
DNA solutions were used and a single molecule was electrophoretically driven into the 
nanofunnel.  The voltage was lowered to a value below the threshold for translocation that 
was nevertheless sufficient to prevent diffusion out of the nanofunnel.  In this configuration, 
a single molecule made repeated attempts at translocation as it was electrostatically held near 
the nanochannel entrance.  If the molecule was unable to translocate after approximately 5 
minutes then the voltage was increased and sampling continued in a stepwise fashion until 
translocation was observed.  The field strength in the nanochannel at which translocation 
occurred was taken as the threshold value and the results for a variety of funnels, DNA 
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lengths, and buffer conditions are presented in Figure 3.8.  This method slightly 
overestimates the threshold electric field because barrier crossing is a probabilistic event and 
the result of such a binary experiment is dependent on the sampling time.  This error is 
expected to be small, however, because of the rapid and repeated collisions of the molecule 
with the nanochannel entrance. This was verified by comparing the result obtained using the 
direct measurement for the nanochannel with an α=0 nanofunnel to that derived from a van’t 
Hoff-Arrhenius fit to the data collected from the nanochannel without a funnel (Figure 3.6).  
In both cases, the DNA molecule abruptly transitions from its bulk to confined conformation. 
Pulling λ-phage DNA into a nanochannel through an α=0 nanofunnel in a 2X TBE (2% PVP) 
solution required a threshold electric field of 64±7 V/cm.  This is close to the result obtained 
from fitting the data in Figure 3.6 (41±6V/cm) when a correction is made for the slight 
difference in nanochannel diameters: Dn (α=0) = 99 nm, Dn (no funnel) = 115 nm.  Using a 
correction factor derived from the de Gennes theory of confinement, (
115⁡nm
99⁡nm
)
5 3⁄
, the 
adjusted threshold electric field from the nanochannel without a funnel is 53±7 V/cm.33  
Figure 3.8 shows a trend of decreasing threshold electric field with increasing values of α 
over the range investigated, as expected from theory and simulations.37  This funnel-mediated 
threshold lowering results from the application of a larger electrostatic force on the DNA 
molecule, an increased frequency of collisions with the nanochannel entrance, and an 
increased percentage of such collisions that occur with a DNA conformation that is readily 
pulled into the nanochannel. 
3.4 Conclusion 
 A free energy barrier exists when a large DNA molecule is driven toward a 
nanochannel in a low strength electric field. The presence of a three-dimensional nanofunnel 
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decreases this barrier by changing the profile of the opposing entropic and the electrostatic 
forces. Two classes of experiments were performed to demonstrate the function of a 
nanofunnel. The event frequency experiment qualitatively shows the energy barrier is 
decreased by the funnel. A more quantitative threshold experiment takes advantage of the 
ability to stably trap a molecule within the funnel.  The results of this experiment 
differentiate the effects of various funnel shapes. Overall, the design of the three-dimensional 
funnel enables DNA translocation through a nanochannel at lower electric field strengths. 
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3.6 Figures 
 
Figure 3.1 The experiment and the three dimensional nanofunnel 
designs.  a) Schematic representation of the device and the 
microchannel patterns. b) Schematic representation of the funnel. c) 
SEM image of two microchannels connected by a nanochannel-
nanofunnel d) AFM images for funnels with different α. e) The depth 
and the width profile of an α = 0.5 funnel.  The fit to the measured 
width profile gives a value of α = 0.46. 
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Figure 3.2 Schematic representation of the nanofluidic device fabrication.  a) A 
fused quartz substrate with a Cr masking film is used. b) Microchannels are patterned 
into the substrate using photolithography and wet etching. c) The nanochannels are milled 
using FIB to connect the microchannels. d) After powder blasting access holes and 
milling the nanochannels, the substrate is bonded with a quartz coverslip to form the 
enclosed nanofluidic channels. e) After bonding, reservoirs are affixed onto the chip. 
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Figure 3.3 Schematic representation of the capture frequency 
measurements.  DNA molecules are captured by the nanochannel either 
from the channel side or the funnel side. The function of the funnel is studied 
by comparing the two results a) DNA molecules are captured from the 
channel side. b) DNA molecules are captured from the funnel side. The 
voltage is reversed to serve this purpose. 
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Figure 3.4 Schematic representation of the threshold electric field 
measurements.  a) A lower concentration is used compared to the capture frequency 
measurements. b) A high voltage is used to drive the molecule into the funnel 
through the microend. c) After the molecule is in the funnel, the voltage is decreased 
to avoid translocation of the molecule. The molecule is then delivered to the nanoend 
of the funnel and the voltage is adjusted to the testing voltage. d) The voltage is kept 
constant to see whether the molecule can translocate within 5 minutes. 
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Figure 3.5 Qualitative picture of the free energy landscape of the DNA 
translocation without or with a funnel.  The voltage is close to the threshold for 
both cases. a) without a funnel. b) with a funnel. 
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Figure 3.6 Translocation frequency results showing that a 
nanofunnel decreases the energy barrier for DNA 
threading.  The black solid line is the fit to the data 
representing translocations from the funnel side. The red 
solid line is the fit to the data collected at low field strengths 
characterizing translocation frequency from the channel side. 
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Figure 3.7 Effect of DNA accumulation when the energy 
barrier for translocation is significant.  a) Fluorescence 
images showing the DNA concentration change as a function of 
time. b) Intensity change in the nanochannel entrance and 
background region as a function of time. d) The ratio of the two 
region as a function of time showing a roughly linear 
concentration increase over the first hour. 
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Figure 3.8 Threshold electric field as a function of α.  See text 
for details. 
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Chapter 4: Trapping Single DNA Molecules in a Three-Dimensional 
NanofunnelIntroduction 
 In the previous Chapter, a three-dimensional nanofunnel was used to facilitate the 
capture of DNA molecules by a nanochannel. This capability was enabled by the 
manipulation of molecular conformations through physical confinement and externally 
applied forces, the magnitude of which were controlled by the shape and dimensions of 
nanofluidic elements. These forces were therefore qualitatively different from those applied 
by other systems used for DNA single-molecule force measurements.  
 In the simplest case of a DNA molecule diffusing in free solution, the molecule acts 
as a random coil to maximize its conformational entropy. As the molecule diffuses, the 
solvent surrounding the polymer strands is dragged and moves along with the molecule. 
These hydrodynamic interactions are included in the Zimm model of chain conformational 
dynamics, which correctly models the Brownian motion and mean conformation of the 
chain.1 When an electric field is applied to the DNA molecule in free solution, the 
counterions move counter to the direction of DNA migration. The shear resulting from ion 
motion is restricted to the Debye layer. Hydrodynamic interactions do not couple between 
units of the polymer outside this limited length scale and the DNA is referred to as “free 
draining”. One consequence of this behavior is that the electric force and the drag on the 
molecule both change linearly with the contour length of the molecule (See Section 1.2.2). 
The above describes the behavior of a DNA molecule in its randomly coiled 
conformation. Its mean conformation can be perturbed, however, by the application of a 
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compressive or extensional force. Various techniques have been developed to manipulate 
individual DNA molecules in this fashion and measure the forces inherent to the process. 
DNA molecules can be affixed to atomic force microscopy probes2 or to beads that can be 
manipulated using optical trapping techniques (optical tweezers).3,4 In this latter case, a 
single molecule is attached to a micron-sized dielectric bead, which is placed in an optical 
trap generated by focusing a laser beam. When the bead moves, the force changes linearly as 
a function of displacement, so the optical trap acts like a Hookean spring with the spring 
constant tuned to the beam intensity.  
 Perkins et al. used an optical trap to immobilize one end of a DNA molecule, while 
the free end of the molecule was extended using the flow of solution past the DNA.6 The 
equilibrium extension length is determined by a balance between the drag forces and the 
entropic forces that favor the molecule’s recoil.  By fitting the observed extension length as a 
function of flow velocity, the authors determined that the DNA was not free draining in this 
system.  In other words hydrodynamic interactions between polymer segments is significant, 
even when the chain was stretched to 80% of its full contour length. A stretched 
conformation of a DNA molecule can also realized using an electric field. In a theoretical 
treatment of this scenario, Long et al. determined that an immobilized DNA  molecule should 
behave like an immobile microgel, in that counterion migration would induce fluid pumping 
through the molecule.7–10 The hydrodynamic forces on the monomers were therefore coupled 
and the authors proposed an equation describing the relation between the stall force and the 
electro-hydrodynamic force: 
 𝐹𝑠𝑡𝑎𝑙𝑙 − 𝜉(𝑣 − 𝜇𝐸) = 0 (4.1)  
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where the Fstall is the external force holding the molecule, ξ is the friction coefficient, v is the 
velocity of the fluid flow, µ is the mobility of the DNA molecule in free solution, and E is the 
electric field. In the low force limit the flow velocity is close to zero and the molecule is not 
deformed: 
 𝐹𝑠𝑡𝑎𝑙𝑙 = 𝜂𝑅𝑔𝜇𝐸 (4.2)  
where η is the viscosity, and Rg is the radius of gyration of the molecule in free solution. This 
is different than the free draining picture: 
 𝐹𝑠𝑡𝑎𝑙𝑙 = 𝐸𝑞𝑒𝑓𝑓 (4.3)  
Additionally, the authors predicted that a DNA molecule held against an electric field E 
would deform in the same way as one held against a uniform flow having velocity µE. These 
studies highlight how DNA immobilization dramatically alters the coupling of electro-
hydrodynamic forces within the molecule.   
It should be noted that the use of either fluid flow or an electric field to extend the 
molecules in the above experiments results in a tension that varies with position along the 
molecule’s contour. A nanopore such as those described in Chapter 1 could also be used to 
apply an electrostatic force to the small segment of the molecule that is threaded through the 
nanopore. If the opposite end of the molecule is anchored to a bead then the molecule can be 
pulled from both ends, resulting in a uniform tension profile along its contour.  In this 
configuration the forces acting on a single DNA molecule have been studied by several 
research groups. 11–19 In these experiments, the molecules were driven into a nanopore but the 
counterbalancing stall force inhibited full translocation. With this approach, it was possible to 
determine the effective charge11 and the hydrodynamic forces15 created by electroosmotic 
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flow (EOF). The attachment of a micrometer-sized bead, however, to macromolecules with 
smaller hydrodynamic radii can significantly perturb the electric fields, hydrodynamic forces, 
and molecular dynamics of the system. 
The nanopores provided confinement on a small segment of the molecule and 
localized the electrostatic force acting on the molecule. Nanochannels, however, provide 
greater confinement, which contributes a significant entropic force in addition to the 
electrostatic and hydrodynamic forces investigated in the nanopore experiments. This 
entropic force often occurs at the microchannel-nanochannel interface, which was discussed 
in Section 1.3.2. In the case of a nanofunnel where the confinement changes more gradually, 
the magnitude of the entropic force is spatially variant and depends on the shape of the 
funnel. 
 In Chapter 3, a three-dimensional nanofunnel was described that decreased the 
threshold electric field, Et, required to pull DNA molecules into a nanochannel. In this 
Chapter, the use of such a nanofunnel to stably trap a DNA molecule in sub-threshold electric 
fields is described. Similar to DNA behavior observed in the various scenarios described 
above, the statics and dynamics of a DNA molecule trapped in a nanofunnel are affected by 
entropic, electrostatic, and hydrodynamic forces.  The balance of these forces is unique to the 
nanofunnel device. A stall force is imposed by the funnel-defined entropy gradient, not by 
anchoring to an immobilized bead. The magnitude of this stall force, and obviously of the 
electrostatic force, is varied by changing the voltage applied across the nanofunnel.  This 
results in different conformations of the molecule as a function of electric field.  The 
hydrodynamic forces acting on nanofunnel-trapped DNA molecules are qualitatively 
different than those of bead-anchored molecules. The well-defined, gradually varying 
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geometry makes the nanofunnel a sensitive force probe. The balance of spatially varying, 
field-dependent forces and the resulting DNA molecular conformations are understood 
through theoretical modeling developed through collaboration with Yanqian Wang, Dr. 
Sergey Panyukov, and Prof. Michael Rubinstein in the Department of Chemistry at UNC. 
4.2 Materials and Methods 
The device used for the studies in this Chapter was fabricated using the same 
protocols described in Chapter 3. A schematics of the experimental protocol is shown in 
Figure 4.1 a. In some funnel geometries, the forces exerted on DNA molecules are balanced 
such that a DNA molecule can be trapped indefinitely within the nanofunnel at a given 
voltage.  This voltage is below the threshold necessary to induce translocation through the 
nanochannel but is sufficient to prevent diffusion of the DNA molecule out of the funnel and 
into the microfluidic reservoir.  Similar to the threshold voltage measurements described in 
Section 3.2.3, solutions containing 0.25 ng/μL of λ-phage or T4-phage DNA in either 2X 
TBE or 2X TBE with 2% PVP were used to probe this trapping regime.  Nanofunnels with α 
= 0, 0.5 and 1 were tested (AFM images shown in Figure 4.1 b). The results described in this 
Chapter are reported for a nanofunnel having α = 0.5, for reasons discussed below.  A single 
molecule was introduced into the nanofunnel and then a sub-threshold (for translocation) 
voltage was applied.  The molecule was imaged for at least 20 min at each voltage at a frame 
rate of 10 frames per second.  If fragmentation was observed, the molecule was driven 
through the nanochannel and a new molecule was introduced to the nanofunnel.  In this way, 
the full range of voltages over which DNA molecules were sustained within the nanofunnel 
was characterized using a few molecules.  The series of images collected at each voltage was 
analyzed using an automated image analysis program written in Matlab to determine the 
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extension length and positions of the center-of-mass and ends of the DNA molecule in each 
frame. 
4.3 Results and Discussion 
The capture of DNA molecules within the nanofunnels that facilitated the threshold 
field measurements described in Chapter 3 implies a range of voltages over which DNA 
molecules can be stably trapped within a nanofunnel.  The upper limit of this voltage range is 
defined by Et, the threshold field strength, while its lower limit is Emin, the nanochannel field 
strength sufficient to prevent diffusion of the molecule out of the nanofunnel entrance.  This 
trapping is achieved through a balance of counteracting electrostatic and entropic forces.  By 
adjusting the geometry of the nanofunnel, the depth, width, and profile of the trap can be 
tuned. Figure 4.2 shows the qualitative energy landscapes of nanofunnels defined by a range 
of α values. The y-axis is the energy of a single Kuhn segment within a DNA molecule. 
Depending on whether α is larger or smaller than 0.5, the energy landscape is qualitatively 
different. In general, the energy well flattens as α increases, and disappears when α > 3.3. For 
the purpose of lowering threshold electric field for translocation as described in Chapter 3, a 
flat energy well is preferred as the associated energy barrier for entering the nanochannel is 
smaller. For the purpose of establishing a range of voltages over which molecules can be 
stably trapped (the focus of this Chapter), a deeper energy well is preferred.  
Experimentally, nanofunnels with α = 0, 0.5, and 1 were characterized. The α = 1 
nanofunnel exhibits a narrow range of voltages over which DNA molecules are trapped, Emin 
= 8.5 V/cm and Et = 10.7 V/cm for both λ-phage and T4-phage DNA in 2X TBE with 2% 
PVP.  In contrast, DNA molecules are trapped across a wide range of voltages in the α = 0 
“funnel.”  In this geometry, however, there is no shift in the position of the trap minimum 
99 
 
(the energy well in Figure 4.2) as the voltage is changed.  As long as qERg>kBT, the molecule 
will drift to the entrance of the nanochannel.  Imaging the molecule reveals the suppression 
of thermal motion and compression against the nanochannel entrance but there is no entropic 
force acting on the molecule.  A more interesting situation is realized for the α=0.5 
nanofunnel, in which a DNA molecule can be held over a range of voltages and where the 
trap profile is voltage dependent.  λ-phage and T4-phage DNA molecules were imaged when 
they were trapped within an α=0.5 nanofunnel (connected with a nanochannel having a width 
of 96 nm and depth of 141 nm) in 2X TBE with and without the EOF suppressing additive 
PVP. Figure 4.3 shows representative data for T4-phage DNA in 2x TBE with 2% PVP when 
the electric field in the nanochannel was 9 V/cm. Figure 4.3 a is a bright field image showing 
the nanofunnel. Figure 4.3 b is a sample frame showing fluorescence from a trapped 
molecule. Each frame was analyzed using a Matlab program, and the intensity profile along 
the molecule was extracted. A representative intensity profile is shown in Figure 4.3 c. The 
intensity of the background (the baseline in the plot Figure 4.3 c) was offset to zero. Intensity 
profiles from each frame of the video were collected and stacked together to generate Figure 
4.3 d. The molecule was imaged for approximately 20 minutes, but only 30 seconds of data is 
shown here. Thermal fluctuations are evident as changes in both the molecule’s position and 
its extension length. The data collected for T4-phage DNA in 2X TBE without PVP are 
described in detail below.  These are representative of similar results obtained in each of the 
four experiments and cover the widest range of voltages.  
Figure 4.4 a shows the position of a DNA molecule’s center of mass in an α = 0.5 
nanofunnel as a function of the nanochannel electric field strength.  The lowest field strength 
in this plot is slightly greater than Emin while the highest field strength is slightly less than Et.  
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As the field strength is increased, the molecule is pulled toward the nanochannel, reflecting 
the position of the trap where forces are balanced.  In the α = 0.5 nanofunnel, this is easier at 
low field strengths because the entropic force is lesser near the nanofunnel’s wide end and 
greater at its nanoscale end.  The error bars in Figure 4.4 a are significantly greater than the 
measurement uncertainty and represent the molecule’s thermal fluctuations (i.e., the data are 
not thermally averaged).  This is also illustrated in Figure 4.4 b, which shows the positional 
traces of the molecule at several field strengths.  As the molecule moves toward the 
nanochannel with an increase in voltage, it experiences both greater confinement and greater 
compression as a result of the deepening trap.  Fluctuations are therefore suppressed. 
Well established polymer physics theories predict an increase in DNA extension as 
the molecule experiences greater confinement.20  These theories, however, do not consider 
the effects of a counteracting electric field on the end-to-end length of DNA molecules.  
Figure 4.5 a shows the length of a T4-phage DNA molecule as a function of the nanochannel 
electric field strength.  Initially, as the voltage is increased, the molecule extends as it is 
moved into the more confining region of the nanofunnel.  At intermediate electric field 
strengths there is little change in the DNA’s extension length, despite the fact that the 
molecule’s center of mass moves toward the region of greater confinement as the voltage is 
increased.  At higher electric field strengths there is a reduction in the DNA extension length.  
This results from the asymmetric profile of the trap (Figure 4.2 a).  At higher field strengths, 
the leading end of the DNA molecule is pushed against a steep barrier preventing transport 
into the nanochannel.  Little translation occurs with a further increase in the field strength, 
provided that the electric field strength remains below the threshold for translocation.  The 
trailing end, on the other hand, is less constrained and can translate a greater distance upon an 
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increase in the electric field strength.  This results in a compression of the molecule, an 
additional force that is resisted by molecular self-exclusion and that contributes to threshold 
lowering. As in the case of positional fluctuations, the end-to-end intramolecular fluctuations 
represented by the error bars in Figure 4.5 a are suppressed at higher field strengths. 
The trap asymmetry discussed above means that the fluctuations (both center-of-mass 
and end-to-end) are likewise asymmetric.  This is illustrated by the contour plots and 
distributions shown for various field strengths in Figure 4.5 b-d.  The histograms of DNA 
length show a decrease in variance as the electric field strength increases, as manifested by 
the decrease in the error bars in Figure 4.5 a.  They also exhibit an increase in skewness with 
increasing field strength, which signifies that the ease with which the molecule extends 
relative to the ease with which it contracts increases as the confinement and field induced 
compression increase. 
The position of the molecule’s center of mass (red traces in Figure 4.5 b-d) appears to 
be normally distributed, regardless of electric field.  Additional information is revealed, 
however, by averaging DNA extension length as a function of center-of-mass position from 
the ~12000 images recorded at each field strength (black traces in Figure 4.5 b-d).  This is 
equivalent to averaging over vertical slices of the contour plots.  Correlation between the two 
parameters is indicated by a non-zero slope in these traces, which corresponds to a rotation of 
the contour axes relative to the contour plot coordinate axes.  At low field strengths, there is 
little correlation between the two parameters.  The molecule diffuses longitudinally but the 
potential energy trap is shallow and end-to-end fluctuations dominate position (and 
confinement) controlled extension.  At high field strengths, there is a strong dependence of 
the extension length on positional fluctuations, one that follows the trend of the static 
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(averaged over all frames) measurements.  This provides a complementary measure of the 
trap depth and asymmetry at a given field strength.  This profile is further characterized by 
considering the positions of the molecule’s ends.  The positional distribution of the leading 
and trailing ends of the molecule are the green and blue plots in Figure 4.5 b-d, respectively.  
The steeper energy barrier experienced by the leading end is reflected in the narrowness of 
this distribution, relative to that of the trailing end.  Furthermore, the fact that the distribution 
becomes less skewed at high electric field strengths indicates the compressed state of this end 
of the molecule.  The asymmetric trap expected from entropic and electrostatic forces would 
result in more facile fluctuations away from the nanochannel entrance.  At low field 
strengths, this skew to the right is indeed seen in the leading end positional histograms.  At 
high field strengths, however, compression from neighboring DNA monomers constrains 
these fluctuations away from the nanochannel.  The trailing end of the DNA molecule 
exhibits a broader positional distribution because this end of the molecule is less constrained.  
In contrast to that of the leading end, the distribution becomes more skewed as the electric 
field strength increases because resistance to motion towards the nanochannel increases as 
the molecule becomes more compressed. 
 To quantitatively calculate the forces on the molecule, Wang, Panyukov, and 
Rubinstein examined the electro-hydrodynamic flow profiles for molecules in different 
systems and proposed a theory to model the experimental behavior.21 In the case of DNA free 
electrophoresis (Figure 4.6 a1), the fluid very close to the molecule strands moves at the 
same velocity (non-slip), and the fluid outside the Debye length is at rest, the “free draining” 
behavior discussed earlier in this Chapter. The flow velocity profile within a Debye length is 
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depicted in Figure 4.6 a2. The velocity is maximal close to the strand and decays to zero over 
a distance on the order of the Debye length. 
 For an anchored DNA molecule (secured to a bead in an optical trap, for example) 
within an electric field (Figure 4.6 b1), the counterions are pumped by the electric field 
through the molecule, dragging fluid along with them. The fluid flows along the path of 
minimal hydraulic resistance, circulating back around the molecule over a distance 
comparable to Rg. Only a fraction of the momentum is transferred to this circulating flow, 
while the rest is transferred to the molecule, countering the stall force. The net electro-
hydrodynamic force has the same magnitude as Equation 4.2. The flow profile between two 
adjacent segments of the molecule (with an interstrand distance, ξH) is depicted in Figure 4.6 
b2. The flow velocity is zero close to the segments and reaches a maximum at a distance on 
the order of Debye length. 
 For the nanofunnel experiment discussed in this Chapter (Figure 4.6 c1), the DNA 
molecule is held still in a confined volume in an electric field. The fluid pumped by the 
electric field cannot circulate around the outside of the molecule as this pathway is restricted 
by the nanofunnel walls. If the hydraulic resistance of the system is extremely low, the fluid 
is constantly pumped through the molecule. In the case where the hydraulic resistance of the 
system is larger than that of flow through the molecule itself, the fluid circulates back 
through the molecule. The flow profile for this second case is depicted in Figure 4.6 c2. The 
flow velocity is zero close to the DNA segments, and increases to a maximum at the Debye 
length. The velocity decreases farther away from the molecule segments and eventually 
reverses direction in the volume between segments. From these arguments, an equation 
calculating the electro-hydrodynamic force on a Kuhn segment is proposed: 
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 𝐹𝑒ℎ =
𝑞𝑒𝑓𝑓𝐸
𝑙𝑛(𝜉𝐻/𝑎)
 (4.4)  
where qeff is the effective charge and a is the diameter of the molecule. In the system where a 
background flow with flux Jback is present (EOF, for example), Equation 4.4 is modified: 
 𝐹𝑒ℎ =
𝑞𝑒𝑓𝑓𝐸 − 4𝜋𝜂𝑙𝑝𝐽𝑏𝑎𝑐𝑘/𝐴
𝑙𝑛(𝜉𝐻/𝑎)
 (4.5)  
where A is cross sectional area of the nanofunnel in which the Kuhn segment is confined. 
Based on the arguments above, the position of the molecule in the funnel as a function of 
electric field was predicted. These results are in close agreement with the experimental data 
as shown in Figure 4.7. 
4.4 Conclusion 
 In this Chapter, the trapping of a single molecule originating from the balance of the 
entropic, electrostatic, and hydrodynamic forces is described. This unique system provides a 
trapping method without the need for attaching a bead or force microscope probe to a DNA 
molecule. The nanofunnel can significantly impact the hydrodynamic flow profile within the 
molecule. This effect must be considered to achieve convergence between force balancing 
theories and the experimental results. Such a comprehensive theory was developed through 
collaboration with Rubinstein et al. to better understand the experimental results.  
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4.6  Figures 
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Figure 4.1 Trapping single DNA molecules in a three dimensional 
nanofunnel.  a) Schematic representation of the trapping experiment. After the 
DNA molecule was introduced into the funnel, a constant voltage was applied to 
hold the molecule. b) AFM images showing the funnels with α = 0, 0.5, and 1, 
from top to bottom. 
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Figure 4.2 Energy landscape for a single Kuhn segment of the DNA molecule 
in funnels with different shapes.  The green dashed line is the electric energy, 
the black dashed line is the entropic energy, and the red solid line is the total 
energy. a) Energy landscape for 0<α<0.5. b) Energy landscape for 0.5<α<3.3. 
This figure is kindly provided by collaborators Yanqian Wang, Dr. Sergey 
Panyukov, and Prof. Michael Rubinstein. 
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Figure 4.3 The data processing of the videos using a Matlab program.  The data 
showed here are for T4 DNA in the solution without PVP. The voltage applied was 60 
mV. a) A bright field image showing the location of the funnel when the video was 
recorded. b) A sample image showing one frame from the video. c) A line intensity 
profile was extracted from (b) to determine the location and the length of the 
molecule. d) Intensity profiles from a series of frames are stacked together showing 
the thermal fluctuations. The image contains information from 350 frames. 
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Figure 4.4 Trapping a single DNA molecule in the nanofunnel: location changes 
as a function of field.  a) Position change as a function of electric field in the 
nanochannel. b) Representative 10 minute traces for three different electric fields. 
  
Figure 4.5 Trapping a single DNA molecule in the nanofunnel.  a) Length changes as a function of 
field. b-d) Distribution of molecule location and length at various electric fields. 
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Figure 4.6 Electrohydrodynamic flow profiles for DNA molecule in different 
systems.  a1, b1, and c1 are the schematics of the DNA and the flow profiles. a2, b2 
and c2 are the flow profile at a distance away from a DNA strand. a) The free DNA 
electrophoresis. a2 shows the flow velocity is the same as the DNA strand at zero 
distance, and zero at a distance λ
D
. b) DNA molecule held against the electric field in 
free solution. The flow velocity shown in b2 reaches a maximum value at a distance λ
D
 
away from the strand. c) DNA molecule held against the electric field in a 
nanochannel. The flow velocity reaches a maximum value at a  
distance λ
D
. This figure is adapted from a figure kindly provided by collaborators 
Yanqian Wang, Dr. Sergey Panyukov, and Prof. Michael Rubinstein. 
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Figure 4.7 Dependence of the leading end of the DNA molecule in the 
nanofunnel (x0) on the nanochannel electric field.  Experimental data are 
represented by the markers while solid lines represent the theoretical predictions. 
This figure is kindly provided by collaborators Yanqian Wang, Dr. Sergey Panyukov, 
and Prof. Michael Rubinstein. 
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Chapter 5: Concentration Polarization in Three-Dimensional Nanofunnel 
SystemsIntroduction 
In the previous Chapters, the confinement effects of nanochannels and nanofunnels 
on the analysis of DNA molecules were discussed. Additional fluidic phenomena unique to 
nanoscale systems were also observed in these three-dimensional nanofunnel systems. When 
an electric field is applied across a nanochannel filled with low ionic strength solutions, the 
creation of enriched and depleted ionic concentration regions at the interfaces can occur. This 
is an effect called concentration polarization (CP).1–3 CP also affects the voltages across the 
fluidic system, which in turn influences the transport behavior.4 Such perturbations are often 
unwanted in fluidic manipulation, when proportional responses to applied voltages are 
desired.5–7 For example, Hlushkou et al. used a nanoporous hydrogel as a size-exclusion 
membrane to concentrate charged analytes with diameters greater than the mesh size.6 The 
same degree of concentration required a higher voltage for the charged hydrogel compared to 
the neutral hydrogel, because of CP, which has the potential to increase Joule heating. On the 
other hand, novel applications are possible through the exploitation of CP and the generation 
of local field gradients.8 Many experiments and theories have been developed to understand 
and predict this effect.4,6,8–16  
Early work on this topic can be traced back 50 years, when colloidal dispersions and 
ionic exchange membranes were extensively studied.17 For an ionic exchange membrane 
with pore sizes on the order of a few nanometers in an electric field, the current is carried 
almost exclusively by the counterions because of the membrane’s charged surface.17 This is 
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in contrast to conductance in the bulk solution, where the current is also carried by the co-
ions (Figure 5.1). The counterion flux across the membrane is therefore higher than in the 
bulk (arrows in Figure 5.1). This mismatch is partially compensated by diffusion of the ions, 
which is a function of the ionic concentration gradient (purple lines in Figure 5.1) according 
to Fick’s first law.17 For low ionic concentrations and high current density, this flux 
mismatch creates ion enrichment and depletion regions at the two interfaces of the 
membrane, called the diffusive boundary layer (DBL).3,17 The depletion region increases the 
overall ionic resistance of the system. At a certain point the concentration in this region 
continues to decrease with an increase in the applied voltage. At this point, any increase in 
voltage is compensated by a proportional increase in resistance.  The current therefore fails to 
increase further, despite the increased voltage.  This plateau in the I-V curve is referred to as 
the “limiting current”.3 Eventually, as one continues to increase the driving voltage, the 
current starts to again increase,18 a phenomena called “over-limiting current.” Initially, this 
was explained by invoking water dissociation, so that the ionic strength never reaches zero 
because of the dissociated water ions.17 Rubinstein et al. pointed out that water dissociation 
alone couldn't account for all of the effects.19 Instead, when the concentration in the depletion 
region approaches zero the flow becomes unstable, inducing convective mixing and 
preventing a further decrease of concentration in the depletion region.20 
 The first observation of concentration polarization in a nanochannel system was 
reported by Pu et al. in 2004.10 Two microchannels (100 µm deep × 750 µm wide) were 
bridged by an array of eight nanochannels (60 nm deep × 100 µm wide) in devices fabricated 
in borofloat glass. They used a negatively charged fluorophore (fluorescein) and a positively 
charged fluorophore (rhodamine 6G) to visualize the concentration changes at the 
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microchannel-nanochannel interfaces when a voltage was applied. The solution was a 70 µM 
to 3 mM sodium tetraborate buffer (pH = 8) with either 30 µM of fluorescein or 10 µM of 
rhodamine 6G. For both probes, ionic depletion was observed at the anodic side of the 
nanochannel array while enrichment occurred at the cathodic side.10 Such effects were 
observed in low ionic strength solutions (<1 mM) but not for higher buffer concentrations (3 
mM).  The authors speculated that the degree of electrical double layer (EDL) overlap 
determined the occurrence of CP. 
 In 2007, Kim et al. used a 40 nm deep nanochannel array to study CP by monitoring 
fluorescently labeled probes and simultaneously measuring ionic current changes.12 
Concentration polarization was found to occur at relatively high ionic strengths, at which 
EDL overlap was not significant. The current measurements showed that the “limiting 
current” was correlated with the onset of the CP. As the applied voltage increased, an 
expansion of the enrichment and depletion regions was observed, reaching several 
millimeters in extent. The authors pointed out that the fixed DBL model of the classical CP 
theory is not valid and that the system is at non-equilibrium. Furthermore, the vortices 
predicted by Rubinstein et al.20 were observed. 
 In the above experiments, in which low concentrations of fluorescent probes were 
used to monitor concentration polarization, only a small portion of the current was carried by 
the probes. The observed intensity change acted as an indicator of the background ionic 
concentration change. Additionally, the use of a nanochannel array is somewhat complex, 
because the CP for each nanochannel couples with that of adjacent nanochannels. In 2009, 
Zangle et al. conducted experiments using a single nanochannel filled with charged 
fluorescent probes (Alexa Fluor 488 or fluorescein) dissolved in deionized water.14,15 The 
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dye molecules therefore served not only as concentration probes but also, along with their 
counterions, as charge carriers (i.e., 2Li+ and (Alexa Fluor)2- or 2Na+ and fluorescein2-). The 
nanochannel was 50 or 100nm deep × 20 µm wide and coupled 1 µm × 20 µm microchannels 
at both ends. By applying a constant current, CP regions were found to expand linearly as a 
function of time in the microchannels, and this expansion was called “CP propagation.” 
Models were developed to describe the CP propagation in the context of an inverse Duklin 
number, which represents the relative importance of bulk and surface conductance.14 Along 
with a review paper later,1 the authors pointed out that EDL overlap, the often cited 
requirement for concentration polarization,  is not a prerequisite for the effect. Concentration 
polarization and CP propagation can occur when the double layers are significantly thinner 
than the nanochannel height. 
 Another phenomenon that is related to the surface charge is ionic current rectification 
(ICR) in an asymmetric nanofluidic system. In symmetric systems discussed previously 
(nanochannel or nanoporous membrane), an applied voltage produces a given current 
magnitude regardless of polarity. However, voltages with different polarities applied to an 
asymmetric system results in different current magnitudes (an asymmetric I-V curve). This 
non-ohmic phenomenon is referred to as ionic current rectification (ICR). ICR was first 
reported by Wei et al. and was observed in quartz nanopipet electrodes.19 Later studies 
showed that ICR is related to the surface charge, as evidenced by its sensitivity to the 
electrolyte used (KCl or KF) and to solution pH.21 Electrical potentials were calculated in the 
pore and a ratchet mechanism was used to explain the preferential direction of the ionic flow, 
which is strong enough to pump ions against a concentration gradient.22,23 Instead of the 
asymmetric channel geometry, a manipulation of the surface charge can also have the same 
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effect. Karnik et al. observed ICR in a geometrically symmetric channel in which half of the 
channel was positively charged while the other half was neutral.24 A combination of both 
geometric and charge effects has resulted in rectification ratios [current(high conductance 
polarity):current(low conductance polarity] up to ~200.25 Vlassouk and Siwy studied such 
nanofluidic diodes and speculated the effect was caused by the enrichment and depletion 
zones in the funnel shaped channel. 
 For the ICR studies discussed above, a visualization of the local ionic concentrations 
and their evolution would be beneficial. In 2010, Perry et al. studied ionic current 
rectification in an in-plane two-dimensional (constant depth, varying width) funnel system, in 
which ion transport was monitored using fluorescent probes, a technique common in CP 
studies.26 The system consisted of a nanofunnel connecting two nanochannels. The funnel 
was 1 µm wide at the base and 80 nm wide at the tip. The nanochannel was 1 µm wide and 
40 µm long. Both the nanochannel and the funnel were 120 nm deep. The authors found that 
ICR correlated with the concentration change of the fluorescent probes, and that the taper of 
the funnel affected the degree of ICR. Hlushkou et al. simulated the ionic concentration in 
such a system and found the CP generated could propagate into the nanochannels but only 
when the system was driven in one direction, with cations migrating from funnel tip to 
base.27 
 In this Chapter, the ionic current rectification in a three-dimensional nanofunnel 
system, similar to those fabricated for DNA single-molecule studies, is explored. By 
simultaneously measuring the concentration change and monitoring the current change over 
time, ICR was found to be correlated with the CP propagation into the microchannels. 
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Additionally, CP was found to be greatly influenced by the electro-osmotic flow (EOF), 
which was adjusted by adding a dynamic coating that changed the surface viscosity.  
5.2 Materials and Methods 
 Device fabrication was performed in the same manner as described in Chapters 2 and 
3. Schematic representations of fluidic device and the microchannel and nanochannel 
geometry are shown in Figure 5.2 a and b. The microchannels were 3 µm deep, 17 µm wide 
and 8-11 mm long from reservoir to nanochannel. Two microchannels were bridged by a 
nanochannel-nanofunnel conduit. The nanochannel was 6.5 µm long, 90 nm wide and 40 nm 
deep (Figure 5.2 c and d). It was connected smoothly with the nanofunnel which gradually 
increased in both width and depth to 1.5 µm over a 20 µm length with α = 0.5 (see Chapter 3 
for the meaning of α). 
 The buffered electrolyte solution used was 0.1x TBE (9 mM Tris, 9 mM boric acid, 
0.2 mM EDTA). This was diluted from a 10x TBE stock solution (Fisher Scientific). For 
some experiments, the buffer contained 2% (by mass) polyvinylpyrrolidone (PVP, 10 kDa, 
Sigma-Aldrich). Fluorescein (Sigma-Aldrich) solutions were prepared in these buffers at a 
concentration of 500 µM. The solution conductivity and pH were measured using a Mettler 
Toledo meter.  The fluorescein solution in 0.1x TBE solution (no PVP) had a bulk 
conductivity of 585 µS/cm and a pH of 8.4.  The fluorescein solution in 0.1x TBE (2% PVP) 
had a bulk conductivity of 560 µS/cm and a pH of 8.2.   
The device was mounted on an inverted fluorescence microscope (Eclipse TE2000-U, 
Nikon) and imaged through a 40x objective (Nikon). Fluorescence was excited using a 100-
W mercury arc lamp filtered through a GFP-3035 filter set (excitation at 472 nm, emission at 
520 nm, Semrock) and images were recorded using a Cascade II EM-CCD camera 
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(Photometrics).   These images were analyzed using an automated image analysis program 
written in Matlab.  
Two freshly prepared Ag/AgCl electrodes (polished and immersed in household 
bleach (~5% sodium hypochlorite) for 15 minutes) were inserted into the reservoirs accessing 
the microchannels (Figure 5.2 a). A single voltage was supplied using a Keithley 6487 
Picoammeter Voltage Source (Keithley Instruments, Inc.) This same instrument, controlled 
by a custom Labview program, was also used to monitor the current response. The voltage 
applied was ±0.5 V, ±1 V, ±2 V, ±5 V, ±10 V, and ±20 V, where the positive designation 
indicates that a positive bias was applied at the nanochannel side of the nanochannel-
nanofunnel duplex. The collection of both fluorescence images and ionic currents was 
initiated, followed by application of the voltage after 10 seconds. Images were collected at 25 
frames per second (fps) for the first 30 seconds and 9 fps thenceforth.   The ionic current was 
sampled at 13 Hz (medium sampling rate setting on the Keithley 6487). 
Because of the CP and its propagation, the ionic concentration in the microchannels 
was altered during the course of each experiment (i.e., collection of each current trace). To 
ensure that each experiment was conducted with the same initial bulk concentration, a fresh 
solution was introduced to the microchannels after each experiment and before collecting the 
next current trace. 
5.3 Results and Discussion 
 Figure 5.2b and c show SEM images of the microchannel/nanochannel area of the 
device. In Figure 5.2c, the nanofunnel runs from right to left into the nanochannel. To 
investigate concentration polarization, both positively and negatively biased voltages were 
applied across the nanochannel-nanofunnel junction. A positive voltage meant that cations 
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were driven from the nanochannel side to the nanofunnel side. Figure 5.3 is a series of 
fluorescence images showing the concentration (intensity) change of fluorescein (negatively 
charged) over time. Figure 5.3 a shows the response when +5 V was applied while Figure 5.3 
b shows the response with a negative voltage. At t=0 s, with no voltage applied to the device, 
the intensities on both sides of the nanochannel-funnel were identical. When +5 V was 
applied (Figure 5.3 a), the intensity in the nanofunnel increased, while the intensity at the 
intersection between the microchannel and nanochannel decreased. This intensity change 
shows the enrichment and depletion of fluorescein molecules in the nanofunnel and the 
nanochannel end, respectively. At long times (> 2 s), the regions of fluorescein enrichment 
and depletion propagated from the nanofluidic components into the microchannels. At 60 
seconds, the depletion area had completely propagated out of the field of view. When -5 V 
was applied (Figure 5.3b), the intensity decreased at the nanofunnel  side and increased at the 
nanochannel side, with the enrichment and depletion zones similarly propagating out into the 
microchannels. 
 To better appreciate the dynamics of CP propagation into the microchannels, a linear 
intensity profile was extracted (the red dashed line in Figure 5.3 a, 0 s) from each frame. This 
process is illustrated in Figure 5.4. At 0 s, the intensities in the microchannels are roughly 
equivalent. The intensity in the nanochannel-nanofunnel region is significantly less because 
of the shallower depth and shorter path length of this region (Figure 5.4 b). Figure 5.4 c and d 
show similar intensity profiles from the same line generated from frames collected at 2 s and 
5 s, respectively. Over time, the intensity at the funnel side increases while the intensity at 
the channel side decreases. Figure 5.5 a and c show two-dimensional image plots that were 
generated from intensity profiles similar to those shown in Figure 5.4 b-d.  Here, the 
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intensities are represented by the color scale and the profiles from all of the collected frames 
are stacked vertically. The intensities are normalized with the highest intensity in the plot 
equal to one and the lowest intensity equal to zero. The images show that, in addition to 
propagation of the enrichment and depletion regions into the microchannels, the 
concentration in the enrichment area continues to increase over several minutes.  
 The buffer ionic strength is ~3.4 mM,28 which has a corresponding Debye length of 
~5 nm. This Debye length is smaller than the channel depth, 40 nm, but strong CP was still 
observed. Past studies by others have described the ionic transport through simulations using 
the Poisson-Nernst-Planck equation and the Navier-Stokes equation,3,27,29 and simple models 
have been proposed to study CP propagation.14 Here, a very simple model is discussed to 
help understand CP.10 
The ionic current in the system is carried by both the cations and anions. The buffer 
solution is assumed to be composed of a symmetric univalent electrolyte and the mobile ion 
concentration is noted as [+] and [-].30 The ionic current in the microchannel is: 
 𝐽𝑚 = 𝐽𝑚
+ + 𝐽𝑚
−  (5.1)  
where 𝐽𝑚 is the total ionic current in the microchannel, 𝐽𝑚
+  is the cationic current, and  𝐽𝑚
−  is 
the anionic current. Similarly, in the nanochannel,  
 𝐽𝑛 = 𝐽𝑛
+ + 𝐽𝑛
− (5.2)  
These currents (in units of mol/s) can be described by the following equations: 
 𝐽𝑚
+ = 𝐸𝑚𝜇𝑚
+ [+]𝑚𝐴𝑚 (5.3)  
 𝐽𝑚
− = 𝐸𝑚𝜇𝑚
− [−]𝑚𝐴𝑚 (5.4)  
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 𝐽𝑛
+ = 𝐸𝑛𝜇𝑛
+[+]𝑛𝐴𝑛 (5.5)  
 𝐽𝑛
− = 𝐸𝑛𝜇𝑛
−[−]𝑛𝐴𝑛 (5.6)  
Where E is the electric field, µ is the ionic mobility, and A is the cross-sectional area of the 
respective channels. Assuming the concentration [+] and [-] follows: 
 [+]𝑚 = 𝛽𝑚[−]𝑚 (5.7)  
 [+]𝑛 = 𝛽𝑛[−]𝑛 (5.8)  
Where βm and βn are the ratio of the cation and anion concentrations in the microchannel and 
nanochannel, respectively. At any time, the ionic current through both microchannels and 
nanochannels must be equivalent: 
 𝐽𝑚 = 𝐽𝑛 (5.9)  
Combining Equations 5.1-5.9 gives: 
 
𝐽𝑚
+
𝐽𝑛
+ =
1
𝛽𝑛
𝜇𝑛
−𝜇𝑚
+ + 𝜇𝑛
+𝜇𝑚
+
1
𝛽𝑚
𝜇𝑚−𝜇𝑛
+ + 𝜇𝑛
+𝜇𝑚
+
 (5.10)  
Assuming that the mobility of each ion in a nanochannel is identical to its mobility in the 
microchannel and that the concentration of [+] and [-] are identical in the microchannel (βm = 
1), Equation 5.10 becomes 
 𝐽𝑚
+
𝐽𝑛
+ =
𝜇+ +
1
𝛽𝑛
𝜇−
𝜇+ + 𝜇−
 
(5.11)  
The fused quartz substrate used here is negatively charged. The cation thus has a higher 
concentration than the anion in the nanochannel (βn>1). As a result, 
𝐽𝑚
+
𝐽𝑛
+ < 1, meaning the flux 
of cations in the nanochannel is larger than in the microchannel. This mismatch causes 
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cations to accumulate on the cathodic side of the nanochannel, and deplete on the anodic 
side. A similar analysis predicts that the anion will be enriched at the cathodic side and 
depleted at the anodic side. The ratio 
𝐽𝑚
+
𝐽𝑛
+  is a parameter roughly indicating the degree of 
concentration polarization across a nanochannel, with ratios approaching 1 corresponding to 
lesser CP. Note that this analysis is for a negatively charged nanochannel surface. 
 This simplified model correctly predicts the occurrence of CP, but a real system has 
much richer phenomena. As seen in the fluorescence signal, the ionic concentration continues 
to change in the microchannels. This changes the local resistance, as well as the total 
resistance, which is reflected in the current measurements. Figure 5.5 b and d shows the 
current traces corresponding to the fluorescence profiles.  
Identical experiments were performed at various voltages. Figure 5.6 a provides a 
summary of the current traces recorded for buffer solutions with PVP at various applied 
voltages (±0.5 V, ±1 V, ±2 V, ±5 V, ±10 V, and ±20 V). The voltage was applied at t = 10 s 
and maintained for 300 s. For small voltages (< 1 V), the current remained relatively constant 
while at higher voltages the current decayed over time. At higher voltages, two distinctive 
regimes were observed: a sharp spike at the beginning of the trace followed by a slow decay 
over time. The sharp spike is hypothesized to result from the initial concentration change 
near the nanochannel-microchannel interface (nanochannel side) or in the funnel (nanofunnel 
side), while the slower decay is caused by the CP propagation into the microchannel. 
Converting the current traces in Figure 5.6 a into resistance traces yields Figure 5.6 b. As 
expected, no significant change in the resistance of the system was seen at low voltages (< 1 
V). In contrast, the resistance increased throughout the experiment at higher voltages (> 5V). 
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The resistance of the system was also greater at higher voltages, indicating a greater degree 
of concentration polarization. 
 Because the device consisted of an asymmetric geometry, current rectification was 
expected to occur.  Previous studies characterized this rectification by plotting an I-V curve 
to determine its symmetry.19,21–26 Such methods are appropriate as long as the current quickly 
approaches a steady-state value. This criterion was not met in the nanochannel-nanofunnel 
measurements, as is evident in Figure 5.6. The system did not reach equilibrium during the 
course of the experiments and, according to the above hypothesis of the current response, it 
would not do so until the CP propagated the length of the microchannels into the reservoirs. 
The time variant concentrations and currents preclude the characterization of the system 
using a single I-V curve. The voltage scan rate and direction would be expected to 
dramatically affect the curve. 
In light of the time dependence of the current traces, one way to present these data 
without obscuring the system’s complexity is to plot the temporal response of the current 
ratio. Figure 5.7 shows the current traces measured for fluorescein solutions in both 0.1x 
TBE buffers (no PVP and 2% PVP) and the current ratio traces at different voltages. For the 
sake of clarity, only the data from experiments using voltages of ±1 V, ± 5 V, and ±20 V are 
displayed. 
A couple of conclusions can be drawn from the results presented in Figure 5.7.  First, 
the degree of ionic current rectification and concentration polarization was greater in the 
electrolyte solution containing PVP, as evidenced by the greater current ratios at all voltages 
for this solution (compare Figure 5.7 b and d). The addition of PVP suppresses EOF by 
dynamically coating the channel walls, increasing the viscosity near the surface.31,32 This 
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attenuation of the EOF affects the net mobility of both cations and anions, thus impacting the 
CP.  Assuming the EOF is constant throughout the system, the differences in ion mobilities 
that result from a change in the EOF mobility are given by the following equations: 
 𝜇𝑛𝑜𝑃𝑉𝑃
+ =⁡𝜇𝑃𝑉𝑃
+ + ∆𝜇 (5.12)  
and 
 𝜇𝑛𝑜𝑃𝑉𝑃
− =⁡𝜇𝑃𝑉𝑃
− − ∆𝜇 (5.13)  
where Δµ is the difference in the EOF mobilities in the two solutions:  
µEOF,no PVP – µEOF,PVP, which is a positive value. Substituting Equations 5.12 and 5.13 into 
Equation 5.11 gives: 
 
𝐽𝑚
+
𝐽𝑛
+ (𝑛𝑜𝑃𝑉𝑃) =
𝜇𝑃𝑉𝑃
+ +
1
𝛽𝑛
𝜇𝑃𝑉𝑃
−
𝜇𝑃𝑉𝑃
+ + 𝜇𝑃𝑉𝑃
− +
∆𝜇 (1 −
1
𝛽𝑛
)
𝜇𝑃𝑉𝑃
+ + 𝜇𝑃𝑉𝑃
−
=
𝐽𝑚
+
𝐽𝑛
+ (𝑃𝑉𝑃) +
∆𝜇 (1 −
1
𝛽𝑛
)
𝜇𝑃𝑉𝑃
+ + 𝜇𝑃𝑉𝑃
−  
(5.14)  
This equation indicates that a greater contribution from EOF (observed, for example, 
when PVP is omitted from the buffer) results in the ratio, 
𝐽𝑚
+
𝐽𝑛
+ , becoming closer to 1. This 
corresponds to lesser concentration polarization (and ionic current rectification). It should be 
noted that surface treatments that suppress EOF by neutralizing the surface charge of the 
nanofluidic conduits will further reduce concentration polarization by resulting in equivalent 
concentrations of cations and anions in the nanofluidic elements (i.e., βn = 1). 
A second conclusion that can be drawn from Figure 5.7 is that the current ratios 
evolve with time.  In the case of the solution containing the EOF suppressor PVP (Figure 5.7 
b), there is a gradual decrease in the current ratio over the course of the experiment.  The 
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effect is more dramatic in the solution omitting PVP, where EOF is greater (Figure 5.7d).  At 
± 5 V and ± 20 V, the relative current magnitudes actually invert over the course of the 
experiment and the ratio drops below 1.  This inversion is not accounted for in the models of 
concentration polarization introduced above, which are more appropriate for the initial 
system response.  Instead, it reflects the asymmetric nature of the CP propagation and the 
dependence of propagation rates on voltage polarity. 
5.4 Conclusion and Future Directions 
 Concentration polarization was studied in a nanochannel-nanofunnel system by the 
simultaneous measurement of dye fluorescence and ionic current. The current decrease of the 
system corresponded to the enrichment and depletion of charge carriers at the ends of the 
nanochannel and nanofunnel. During the course of these measurements, this enrichment and 
depletion did not reach an equilibrium state.  Rather these regions propagated down the 
microchannels. The resistance thus kept increasing at an applied voltage. When a voltage 
with the same magnitude but different polarity was applied, both the magnitude and the 
changing rate of the resistance were different. The presence of the additive PVP affects this 
ratio and its temporal response. 
 It is clear from these initial experiments that additional investigations into the 
contribution of EOF are required to generate a complete understanding of these asymmetric 
nanofluidic systems.  In the future, I would like to explore how the CP propagation is 
influenced by the EOF by running ion transport simulations. The knowledge developed 
would be used to direct the design of nanofluidic devices for biomolecule analyses (e.g., for 
analyte pre-concentration).  
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5.6 Figures 
 
 
Figure 5.1 Schematic showing the concentration polarization.  The depletion and enrichment in the DBL are 
caused by the ionic flux mismatch. The purple lines shows the ion concentration profile in the bulk and in the 
DBL. The size of the arrow shows the magnitude of the ion flux. 
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Figure 5.2 Experiment configurations. a) Schematic representation of the fluidic device and the microchannel patterns. b) 
Schematic representation of the geometry of the micro and nanochannels. c) SEM image of the channels. d) SEM image of the 
funnel and the nanochannel. 
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Figure 5.3 Fluorescence intensity change showing the concentration polarization 
under an electric field.  The solution used is 0.1x TBE with 500 µM fluorescein. A 
serial of images taken at 0, 0.5, 1, 2, 5, 10, 20, 60 seconds are shown. Zero second is 
defined when the voltage is applied. The microchannels are 17 µm wide. The dashed 
line shows the path for extracting the intensity profile. a) 5 V is applied to the channel 
side (left) and funnel side (right) is ground. b) The voltage with a different polarity but 
the same magnitude is applied (-5 V). 
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Figure 5.4 Data processing for constructing Figure 5.5.  a) Frame at 0 s from Figure 5.3 a. b) The intensity 
profile scanned along the red dashed line in a. The arrows indicate the segments of the intensity profile that 
correspond to the orthogonal segments of the path in a.  c) The intensity profile at 2 s. d) The intensity profile at 
5 s.  
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Figure 5.5 Simultaneous measurements of the optical and the electrical signal 
indicating concentration polarization.  a) and c) Image plots of relative 
fluorescence intensity showing the change in fluorescein concentration. b) and d) 
Corresponding current changes over time. The voltage is zero at both the beginning 
and the end of the measurements. 0.1x TBE, no PVP. The schematic shows the 
location of the nanochannel-nanofunnel relative to position axis of the intensity plots. 
a and b: 5 V data. c and d: -5 V data. 
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Figure 5.6 Current and resistance changes reflecting the CP propagation at 
different voltages for a solution of fluorescein in 0.1x TBE, no PVP.  a) 
Current traces. b) Resistance traces. The schematic in a shows the polarity 
conventions corresponding to positive or negative currents. 
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Figure 5.7 Current traces and current ratios showing the concentration 
polarization as affected by voltage and EOF.  a and b show the results for a 
fluorescein solution in 0.1x TBE with 2% PVP. c and d show results for a 
fluorescein solution in 0.1x TBE without PVP.  The schematics in a and c show the 
polarity conventions. 
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